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Chapter 1 

General Introduction 

1.0 Background 

Skeletal muscle wasting also known as muscle atrophy is a devastating condition that 

increases both morbidity and mortality (Powers et al., 2016; Li et al., 2018; Ng et al., 2020). 

Unfortunately, muscle wasting happens to everyone with age. In fact, from the age of 35 

years, approximately 0.4-1.0% of muscle mass is lost yearly (Mitchell et al., 2012). What is 

even more sobering is that chronic diseases (e.g diabetes, cancer, obesity renal failure, and 

cardiac failure etc.) which is most common among the elderly also contribute to loss of 

muscle mass which eventually lead to poor quality of life and worse survival (Yoshida. and 

Delafontaine, 2015; Ebner et al., 2015).  As if that is not enough, muscle loss is also largely 

accelerated by inactivity (muscle disuse) (Howard et al., 2020). For instance, in older men 

about 5% muscle mass could be lost after 14 days of immobilization by bed rest (Suetta et 

al., 2009). Sport injury and accident is another frequently occurring event that could subject 

both young and old to immobilization of the joint, usually by a plaster cast or a brace (Howard 

et al., 2020). Depending on how severe the injury is, on average the recovery time for two-

thirds of the sport injuries is within 7 days (Tranaeus et al., 2017; Swain et al., 2016). Such 

a short period of muscle disuse (≤7 days) has been shown to result in substantial decline in 

muscle mass (0.5-1.0% per day) (Dirks et al., 2014). Additionally, sedentary lifestyle which 

has even been made worse by current COVID-19 restrictions is another major factor that is 

silently fueling loss of muscle mass among all age group (Kirwan et al., 2020). As many 

people worldwide engage in sedentary lifestyles and as life expectancy increases, muscle 

wasting and his impact on quality and longevity of life is becoming a more and more 

important public health problem. Although, several studies have been done in the field of 

skeletal muscle biology, however, our current understanding of the molecular pathogenesis 

of muscle wasting is limited, no wonder there is currently no effective therapies to treat 

muscle wasting. 

Two chronic metabolic disease state that have severely contribute to muscle wasting 

are non-alcoholic fatty liver disease (NAFLD) and diabetes mellitus (DM) (Rubio-Ruiz et al., 
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2019; Nishikawa et al., 2021). Coincidentally, the prevalence of these diseases increases with 

ageing, sedentary lifestyle and chronic overnutrition. Unfortunately, there is currently no 

therapy that can completely normalize the metabolic alterations that characterized NAFLD 

and DM. Thus, in the absence of true cure, treating complications of these diseases remain 

the only source of hope. 

Skeletal muscle wasting associated with NAFLD, and DM is a significant 

complication that could define the overall health status and survival of affected patients. This 

is because muscle atrophy can contribute to the progression of additional secondary 

complications such as chronic kidney disease, and cardiovascular disease (Mantovani et al., 

2020; Targher et al., 2021; Ferguson and Finck, 2021; Mantovani et al., 2020). These 

additional complications in turn can also exacerbates muscle wasting. Importantly, several 

studies have shown that chronic kidney disease can repress muscle regeneration as well as 

induce muscle protein metabolism imbalance (Zhang et al., 2020; Sabatino et al., 2021). Thus, 

failure to detect and treat this complication at early stage may blunt any gains made in 

restoring muscle mass.  Regrettably, unlike muscle atrophy, early detection of renal injury in 

both NAFLD and DM is difficult. No wonder most patient with NAFLD and DM do suffer 

from end stage renal failure which have no cure. With the alarming rate at which NAFLD 

and DM is increasing globally, a better understanding of the molecular pathogenesis 

underlying their complications (especially muscle atrophy and chronic kidney disease) as 

well as development of diagnostic tool to monitor these complications is greatly needed.  

 

1.1. The objective of this study 

The objective of this thesis is to (1) develop a relevant animal model that can be used to study 

muscle wasting associated with NAFLD and DM; (2) gain a better understanding of the 

molecular mechanisms involved in the pathogenesis of skeletal muscle atrophy in NAFLD 

and two different Streptozotocin- (STZ-) induced DM model, and (3) develop a novel 

diagnostic tool that can be used to detect diabetic nephropathy at early stage. This information 

will open up new avenues of investigation into the causes and treatment of NAFLD and DM 
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associated muscle wasting.  At the same time allow researchers to longitudinally monitor 

disease or drug induced kidney injury in real time. 
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Chapter 2 

Literature Review 

Scientific interest in loss of skeletal muscle mass associated with aging and chronic metabolic 

diseases has gained a lot of attention during the last few decades. The considerable interest 

and research efforts have been seen in this field because loss of muscle mass has been 

associated with increased risk of both morbidity, mortality, and low quality of life. These 

research efforts have improved our understanding of skeletal muscle structure and function, 

in health and disease. This chapter reviews the most important discoveries in recent years, as 

well as the current challenges, open questions, and fierce debate within the field of muscle 

biology. The review begins with a brief overview of molecular mechanisms underlying 

muscle tissue development (myogenesis), with special focus on primary muscle stem cells 

(termed satellite cells) and muscle regeneration. Next, the general pathophysiological 

mechanisms governing loss of muscle mass were highlighted. Importantly, the relationship 

between skeletal muscle mass and metabolic diseases, including non-alcoholic fatty liver 

disease (NAFLD) and diabetes mellitus (DM) were described. Finally, the impact of other 

secondary complications associated with NAFLD and DM on muscle atrophy was 

emphasized.  

 

2.0 Basic Function and Structure of Skeletal Muscle  

Skeletal muscle is the most dynamic and adaptive tissues of the human body. 

Typically, skeletal muscle account for more than 40% total body weight (Kim et al., 2002). 

Muscle composed primarily of water (75 %), protein (20 %), and other substances such as 

inorganic salts, minerals, fat, and carbohydrates (5 %) (Frontera and Ochala, 2015). The 

primary function of skeletal muscle is to convert chemical energy into mechanical energy to 

generate force and power (Frontera and Ochala, 2015). The generated force is used to 

maintain an upright body posture, and to produce movement that influences activity, 

functional independence, and overall wellbeing (Foldvari et al., 2000; Frontera and Ochala, 

2015; Santos et al., 2017). Furthermore, skeletal muscles also play significant roles in several 

other physiological processes, including breathing (Gransee et al., 2012), metabolism 
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(Baskin et al., 2015), thermogenesis (Rowland et al., 2015),  and the secretion of numerous 

myokines which allow for communication between muscle and other organs as well as 

communication within muscle itself (Severinsen and Pedersen, 2020). Skeletal muscles are 

attached to bones throughout the body via tendons (a tough bands of connective tissues). This 

attachments ensured proper positioning of bones and their movement through voluntary 

contraction (VanDusen Larkin, 2015). 

Skeletal muscle has a unique architecture design that is characterized by bundles of 

elongated, cylindrical, multinucleated myofibers (also termed fascicles) arranged in a striated 

pattern (Fig 1A and B) (Frontera and Ochala, 2015). The myofibers are covered by a layer 

of connective tissue called the endomysium, and they are surrounded by several types of 

interstitial cells including macrophages, pericytes, fibroblasts, and fibro-adipogenic 

progenitors (FAPs) (Figure 1A). In between the endomysium and the plasma membrane of 

the myofibers are important group of called primary muscle stem cells or satellite cells 

(Figure 1A and C) (Jorgenson et al., 2020). A single muscle fiber (which is typically 100 μm 

in diameter and 1 cm in length) is surrounded by a plasma membrane (also termed 

sarcolemma). The gelatinous material that resides underneath the sarcolemma is called 

sarcoplasm. Approximately 80% of the sarcoplasm is made up of complex rod-like structure 

called myofibrils (Seiden,1976; Toth et al., 2012; Jorgenson et al., 2020). Basically, the 

myofibrils are composed of a long in‐series array of force‐generating elements called 

sarcomeres. These sarcomeres are connected by a dense protein material, called the Z-Disc 

and they are surrounded by sarcoplasmic reticulum. The main function the sarcoplasmic 

reticulum is to store calcium ions (Ca2+) which are required for contraction. The sarcomeres 

within the myofibrils elicit their function via the active sliding of thin (actin and associated 

proteins) and thick (myosin and associated proteins) myofilaments. Alteration of any of these 

proteins can result in loss of muscle mass and other severe consequences. For instance, partial 

or complete loss of the protein dystrophin could lead to neuromuscular disorders such as 

Duchenne and Becker muscular dystrophies (Frontera and Ochala, 2015).  
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Figure 1. Basic structure of skeletal muscle (Source: Jorgenson et al., 2020)  

All myofibers are not created equal, for example some myofibers heavily relied on oxidative 

metabolism which enable them to exhibit a slow contractile speed (i.e., generate suboptimal 

force) and are resistant to fatigue. Meanwhile, other myofibers relied on anaerobic glycolytic 

metabolism, which enables them to exhibit a fast contractile speed (i.e., generate near optimal 
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force) and fatigue quickly when stimulated to contract (Billeter and Hoppeler, 1992). Skeletal 

muscle fiber can be grouped into different isoforms base on the myosin heavy chain that they 

expressed these include Type I (slow oxidative), Type IIA (fast oxidative), and Type IIB (fast 

glycolytic) fibers (Jorgenson et al., 2020). However, it is important to note that humans do 

not express the Type IIB myosin isoform, but rather express a very similar (yet slightly 

slower) Type IIX myosin isoform. Since this differentiation was only established in 1990′s 

(Hilber et al., 1999; Smerdu et al., 1994; Ennion et al., 1995), it is essential to keep in mind 

that some older studies with human subjects used Type IIB classification.  

2.1. Satellite Cells and Muscle Regeneration 

Skeletal muscle has s a robust regenerative capacity, in response to traumatic injury. This 

process is significantly governed by resident muscle stem cells, also called “satellite cells” 

(SCs) due to their unique anatomical position between the sarcolemma and the basal lamina 

of the myofibers (Scharner & Zammit, 2011; Relaix and Zammit, 2012). Satellite cells 

typically exist in a quiescent (inactive) state in healthy adult muscle but may become 

activated in response to stimulation, such as muscle damage. Upon activation, SCs will 

migrate to damage site and undergo extensive proliferation. Majority of SCs progeny termed 

myoblasts undergo myogenic differentiation to produce new myonuclei to support muscle 

repair, and if the damage is extensive the myoblast may undergo differentiation and fusion 

to generate new muscle fiber (Ono et al., 2015). Meanwhile the remaining activated SCs will 

return to quiescent state to self-renew and replenish the stem cell pool for future needs (Ono 

et al., 2015; Relaix et al., 2021) (Figure 2). Several transcription factors have been identified 

as key regulators of SCs activation, expansion, differentiation/fusion as well as return of SCs 

to the quiescent state during skeletal muscle regeneration (Relaix et al., 2021). Among them, 

the paired box transcription factor Pax7 and Pax3 as well as myogenic regulatory factors 

(MRFs: MyoD, Myf5, Myogenin, and MRF4) stands out for the critical role they play in 

muscle growth, specification, homeostasis, and regeneration (Relaix and Zammit, 2012; 

Relaix et al., 2021). 
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 Figure 2. Satellite cell myogenic lineage progression and expression profile of key 
transcriptional factor regulating the process (Source: Schmidt et al., 2019) 
 
PAX7 is expressed in all muscle SCs no wonder it is commonly used as a marker of SCs. 

Pax7 is essential for postnatal maintenance and repair of skeletal muscle (Schmidt et al., 

2019). Upon activation, the MRFs are rapidly induced in almost all SCs (Zammit et al., 2002). 

The MRFs is required to regulate SCs progression towards myogenic specification, 

differentiation, and fusion to form mature multinucleated myofibers (Relaix et al., 2021). 

Earlier study in the area of SC behavior indicated that the tight balance between 

quiescence and activated state of SC plays a critical role in SC renewal. This tightly 

controlled event was initially taught to be regulated solely by changes in transcriptional 

factors. For instance, the co-expression of Pax7 and MyoD is a marker of SC proliferation. 

Immediately after proliferation most of the cells retain MyoD expression but downregulate 

Pax7 expression. This event triggers the commitment of SCs to differentiate into myocytes 

via activation of myogenin (Relaix and Zammit, 2012). Meanwhile, other myoblast maintains 

Pax7 expression but downregulate MyoD expression, this eventually leads to their 

withdrawal from cell cycle, thereby regaining markers that characterized quiescence state 
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(Day et al., 2007; Relaix and Zammit, 2012). Moreover, recent studies have indicated that 

the molecular cues regulating the tight balance between quiescence and activated state of SC 

goes beyond transcriptional factors. Other factors such as metabolic status and SC niche plays 

a critical role in determining SC fate (Relaix et al., 2021). 

a) Regulation of SC behavior by metabolic status  

The metabolic flexibility (i.e., ability to efficiently adapt and use whatever fuel or substrate 

available to it) of SC has been shown to induce genetic reprogramming that could regulate 

SC fate. At quiescent state SCs depend solely on fatty acid oxidation (FAO) and oxidative 

phosphorylation (OXPHOS). This dependence on FAO help increases NAD+ levels which 

in turn induce SIRT1-dependent deacetylation of its target histone H4 lysine 16. This 

epigenetic modification preserves SCs in quiescence state by repressing myogenic 

transcription signals (Figure 3) (Ryall et al., 2015). This is further substantiated through the 

use of FAO inducers (such as caloric restriction) or elevation of NAD+. Increasing NAD+ 

levels in aged mice enhances SC quiescence and muscle regenerative potential (Zhang et al., 

20-16). Furthermore, the dependence of SC in quiescent state on FAO and downregulation 

of glycolytic pathway favors the reduction of acetyl-CoA, which in turn prevent histone 

acetylation that is associated with myogenic program (Wellen et al., 2009). However, since 

SCs isolation promote the exit of quiescence, the characterization of quiescent SC 

metabolism in situ remains to be investigated due to lack of technology to isolate SC without 

activating it. Proliferating SCs on the other hand is associated with a shift toward anaerobic 

glycolysis. Resent work by Theret et al., (2017) showed that anaerobic glycolytic inhibition 

decreases SC proliferation and self-renewal, while the induction of anaerobic glycolytic via 

overexpression of lactate dehydrogenase A- subunit (LDHA) enhanced SC expansion. This 

metabolic shift towards anaerobic glycolysis induces anabolism processes that support SC 

growth and proliferation. As for the differentiating SCs, they depend mostly on OXPHOS. 

This shift towards OXPHOS triggers a burst of ROS that act as secondary messengers to 

strengthen differentiation.  Notably, the sharp outburst of ROS is compensated by elevation 

in the expression of antioxidant genes (such as PITX2 and PITX3). The deletion of these 
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antioxidant genes has been shown to induce premature differentiation and impair muscle 

regeneration capacity (Relaix et al., 2021). 

 

 
 

Figure 3. Interplay between metabolic status and SC fate during myogenesis (Source: Relaix 
et al., 2021). 

b) Regulation of SC behavior by SC niche 

SC are surrounded by a variety of cell types such as endothelial cells, macrophages, fibro 

adipogenic progenitors (FAPs), pericytes (Mashinchian et al., 2018) and a complex mesh of 

extracellular matrix (ECM) proteins. The molecular cue generated by these surrounding cells 

along with the dynamic network of proteins in the ECM plays a critical role in guiding muscle 

SC behavior, homeostasis, and regeneration. For instance, Baghdadi and colleagues recently 

demonstrated that culturing Collagen V with SC impaired SC differentiation and SC-specific 

deletion of Collagen Vα1, resulted in rapid depletion of SC pool (Figure 4) (Baghdadi et al., 
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2018). ECM proteins are not only responsible for pro-quiescence maintenance of SC, other 

ECM proteins such as laminin α1 and laminin α5 were also recently found to be involve in 

SC activation and differentiation (Rayagiri et al., 2018). 

The myofiber itself can serve as another source of molecular signal regulating SC behavior. 

This molecular interaction is mediated in part by NOTCH. Elegant work by Low and 

colleagues demonstrated that NOTCH1 and NOTCH3 were found in SCs, while their ligands 

DLL1 and DLL4 are mainly localized to the myofibers (Figure 4) (Low et al., 2018). This 

suggests that the interaction between NOTCH ligands and their receptors contributes to 

maintenance SC quiescent state, and prevention of SC activation and differentiation in an 

uninjured muscle. Cells in SC niche are also known to interact with SCs and regulate their 

quiescence and activation via a number of membrane-bound (exosomes) and secreted factors.  

Du and coworkers recently showed that macrophages support SC activation through the 

secretion of a metalloproteinase called ADAMTS1 (Du et al., 2017). Adamts1 elicit is 

activating effect by suppressing the expression of the quiescence regulator NOTCH1 in SCs. 

In addition, macrophage secreted GDF3 and WNT1 Inducible Signaling Pathway Protein 1 

(WISP1) secreted from FAPs are essential factors that stimulate SC differentiation and 

myoblast fusion (Figure 4) (Varga et al., 2016; Lukjanenko et al., 2019). Although only little 

is still known about the dynamic signals contained in the exosome release by cells of SC 

niche and SC itself. The current dissection of this signals at single-cell level using scRNA-

seq and mass cytometry will improve our understanding of how SC niche regulate SC fate 

(De Micheli et al., 2020; Petrilli, et al., 2020). 
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Figure 4. SC microenvironment provides molecular cue that regulate and SC fate (Source: 
Relaix et al., 2021). 

2.2. Muscle wasting and their molecular mechanism 

Skeletal muscle wasting also known as muscle atrophy is defined as a decrease in muscle 

mass due to malnutrition, lack of use (muscle disuse), aging, injury, and several chronic 

diseases (Ebert et al., 2019; McKinnell and Rudnicki, 2004). The etiology of muscle atrophy 

is diverse as clearly indicated in the definition above. Muscle atrophy that results from muscle 

disuse is generally refer to as acute atrophy, such atrophy is generally reversible following 

exercise. Muscle wasting in aging otherwise known as sarcopenia is a chronic atrophy 

because it involves a slow and progressive loss of muscle mass without any underlying 

disease (McKinnell and Rudnicki, 2004; Wood et al., 2021). Cachexia is defined as: “a 

multifactorial syndrome resulting from chronic diseases (such as renal and cardiac failure, 

sepsis, diabetes, AIDS, cancer) and characterized by an ongoing loss of muscle mass (with 

or without loss of fat mass) which cannot be fully reversed by conventional nutritional aids 

(Ebner et al., 2015; Wood et al., 2021). Since loss of muscle mass is a common endpoint of 
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diverse atrophic conditions one would expect that molecular cues triggering muscle atrophy 

in all conditions are similar. Unfortunately, that is not the case, in fact different atrophic 

condition has distinct pathways that triggers the atrophic process. Although, much is still not 

known regarding the molecular mechanism governing muscle atrophy, however, some 

important facts have been established and will be briefly discussed in the following sections. 

 

2.2.1. Abnormal muscle protein metabolism 

The accelerated degradation of both myofibrils (which constitute more than 70% of muscle 

proteins) and soluble proteins together with decrease in protein synthesis is the fundamental 

cause of muscle wasting, weakness, and physical disability (Cohen et al., 2015). The two 

major proteolytic systems that are implicated in protein degradation are the ubiquitin-

proteosome system (UPS) and autophagy/lysosome system (ALS) (Bonaldo and Sandri, 

2013). Meanwhile, downregulation of insulin-like growth factor-1(IGF-1)-Akt-Mammalian 

Target of Rapamycin (mTOR) signaling pathway is primarily responsible for decrease in 

protein synthesis in atrophic muscle (Bodine et al., 2001; Rommel et al., 2001). Notably, the 

IGF-1/Akt/mTOR Signaling Pathway also plays a critical role in regulating the activation of the 

UPS and the ALS at the transcriptional level a process mediated by inhibition of the forkhead 

box protein O (FoxO) family transcription factors (Stitt et al., 2004; Mammucari et al., 2007; 

Zhao, J., et al., 2007). Therefore, the increase in protein breakdown and decrease in protein 

synthesis seen in wasting muscles cannot be viewed as independent events; rather they are 

series of coordinated and interlinked adaptations that eventually result in rapid loss of skeletal 

muscle mass. It is important to note that the two proteolytic machineries (UPS and the ALS) 

play an important regulatory role in removing un-wanted or defective proteins and 

maintaining homeostasis in healthy skeletal muscle (Cohen., et al., 2015). Although, we do 

not fully understand how the UPS recognizes misfolded or defective proteins, however, what 

is clear is that this regulatory mechanisms are disrupted in muscle atrophy, thereby resulting 

in accelerated protein catabolism which affect all muscle cell components (Lecker et al., 

2006; Bonaldo and Sandri, 2013; Kitajima et al., 2020). Signaling pathways that control the 

activity of proteolytic machineries as well as orchestrate the downregulation of the protein 
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synthesis pathway (IGF-1/PI3K/Akt/mTOR Signaling Pathway) in atrophic muscle are 

continuously emerging. This section will unravel some of such signaling events.  

1. The ubiquitin-proteosome system 

The UPS is responsible for the breakdown of most muscle sarcomeric proteins, (Cohen et al., 

2012) and the induction of this pathway is regulated by the FoxO family transcription factors 

(Accili and Arden, 2004.). FOXO induced UPS-mediated protein degradation through the 

induction of muscle-specific E3-ubiquitin ligases, such as Atrogin1/MAFbx and 

MuRF1/Trim63 (Sandri et al., 2004; Waddell et al., 2008). During atrophy, FOXO-induced 

E3-ubiquitin ligase MURF1/Trim63 catalyses the degradation of Myosin Heavy Chains, 

Myosin Light Chain-1/2 (Foletta et al., 2011). Another TRIM protein, known as TRIM32, 

catalyses the ubiquitylation and degradation of actin, desmin, tropomyosin and other 

myofibrillar apparatus (Cohen et al., 2012). Whereas Atrogin-1/MAFbx. catalyses the 

degradation of MyoD, myogenin as well as proteins (such as elongation initiation factor 3 

subunit f (eIF3-f)) that promote protein synthesis (Figure 5) (Foletta et al., 2011). 

Pharmacological strategy to specifically inhibit MuRF1/Trim63 have been pursued, however, 

this approach fails to prevent atrophy because actin, desmin, tropomyosin and other 

components of the thin filaments and the cytoskeletal network will still be targeted for 

degradation by TRIM32. Unlike MuRF1/Trim63 which is muscle specific, TRIM32 is found 

in almost all cell types. The ubiquitous nature of TRIM32 makes its delicate to target for 

inhibition. In fact, loss of TRIM32 in mice have been shown to results in considerable 

neurological defects and myopathy (Kudryashova et al., 2009). 
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Figure 5. Signals regulating ubiquitin-proteasome systems in muscle atrophy (Source: 
Bonaldo and Sandri, 2013) 
 

2. The autophagy/lysosome system  

Under normal condition, autophagy/lysosome system (ALS) plays a critical role in energy 

generation/consumption and macromolecule turnover events in skeletal muscles (Xia et al., 

2012). However, deregulation of this process in muscle promotes ALS-mediated proteolytic 

degradation of mitochondria (and other cell organelles), no wonder atrophied muscle have 

decreased endurance capacity (Sandri, 2013; Cohen et al., 2015; Bonaldo and Sandri, 2013).  

Similar to UPS,  transcription factor Forkhead box O3a (FoxO3a) mediate the induction of 

ALS by activating the transcription of autophagy genes ATG4, ATG8B, ATG12, LC3, 

BECLIN1, BNIP3, VPS34, ULK1, and ULK2 in skeletal muscle (Mammucari et al., 

2007; Zhao et al., 2007; Sanchez et al., 2012; Di Malta et al., 2019). Hyperactivation of FoxO 

transcription factors have been found to contribute to muscle loss in diverse pathological 
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conditions, including cancer cachexia, sepsis, diabetes mellitus, chronic kidney disease, 

critical illness, cirrhosis, among others (Sartori et al., 2021; Oyabu et al., 2022). Given the 

central role of FoxO transcription factors in mediating both UPS an ALS related proteolysis, 

it is essential to develop therapeutic strategies that can fine-tuned FoxO activity in other to 

avoid accelerated muscle protein degradation. 

 

3. IGF-1/PI3K/Akt/mTOR Signaling Pathway 

The IGF-1/PI3K/Akt/mTOR Signaling pathway exerts its effect on muscle protein balance by 

regulating both protein synthesis and degradation pathways (Figure 6) (Cohen., et al., 2015). 

This signaling cascade stimulate protein synthesis primarily through upregulation of mTOR 

kinase and inhibition of FoxO family transcription factors. AKT block FoxO activity by 

phosphorylating FoxO proteins (FoxO1, FoxO3, FoxO4) in the nucleus. The phosphorylation 

FoxO members results in their export from the nucleus to the cytoplasm (Manning and 

Cantley, 2007). Several in vivo studies in mice have shown that overproduction of IGF1 or 

AKT in muscles, promotes muscle hypertrophy and reduce loss of muscle mass (Sacheck et 

al., 2004; Lai et al., 2004; Bodine et al., 2001). Conversely, downregulation of IGF-

1/PI3K/Akt/mTOR signaling pathway which occur in catabolic diseases increases the activation of 

FoxO family transcription factors which eventually suppress protein synthesis as well as 

induce muscle protein degradation (Manning and Cantley, 2007). Attenuation of Akt 

pathway by models of muscle atrophy, elevate nuclear translocation and activity of FoxO 

members which are required for the upregulation of atrophy-related ubiquitin ligases 

MuRF1/Trim63 and atrogin-1/MAFbx (Figure 6) (Manning and Cantley, 2007; Sartori et al., 

2021). Additionally, activation of FoxO transcription factors also promote protein breakdown 

by increasing the transcription of autophagy related genes such as LC3 and Bnip3 

(Mammucari et al., 2007; Sartori et al., 2021).These findings clearly suggest that activation 

of AKT kinases could be a valuable strategy to combat muscle wasting. However, such 

treatments could be dangerous — for example, constant activation of IGF-1/PI3K/Akt/mTOR 

Signaling cascade have been shown to reduce FOXO activity cancer associated cachexia, but 
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regrettably, they also have the potential to promote tumour growth (Cohen., et al., 2015; 

Dong., et al., 2021). 

 

 
 

Figure 6. IGF-1/PI3K/Akt/mTOR Signaling pathway (Source: Sartori et al., 2021) 

 

2.2.2. Mitochondrial dysfunction 

Defective mitochondrial function has been shown to trigger skeletal muscle wasting via at 

least three different pathways: (1) increased mitochondrial reactive oxygen species (ROS) 

production (2) mitochondrial release of proapoptotic factors; and/or (3) low ATP production 

resulting from mitochondrial damage (Figure 7) (Hyatt and Powers, 2021; Powers et al., 

2012). 

 



18 
 

 
 

Figure 7. Three major way mitochondrial dysfunction contribute to muscle wasting (Source: 
Hyatt and Powers, 2021) 
 

1) Increased mitochondrial ROS production. 

Several preclinical studies have demonstrated that increases in mitochondria ROS production 

promote muscle wasting in several conditions including aging, chronic diseases, and 

prolonged muscle disuse (Hyatt et al., 2019; Hyatt and Powers, 2021; Powers et al., 2012; 

Shally and McDonagh, 2020; Smuder et al., 2020). Chronic increase in mitochondrial ROS 

production can induce muscle wasting by suppressing muscle protein synthesis and 

accelerating muscle protein degradation (Hyatt and Powers, 2021; Powers et al., 2012). 

Oxidative stress accelerates muscle protein degradation via three independent pathways 

including, induction of genes responsible for protein degradation especially the key ubiquitin 

E3ligases (Li et al., 2003), elevation of cytosolic calcium which in turn activate both calpain 

and caspase-3 (Hyatt and Powers, 2020; Hyatt et al., 2021), and finally increase muscle 

protein oxidation thereby predisposing such protein to enzymatic hydrolysis (Grune et al., 
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1997).  On the other hand, redox imbalance represses protein synthesis at translational level 

by inhibiting Akt/mTOR signaling pathway (Powers et al., 2011). 

2) Mitochondrial release of proapoptotic factors. 

Mitochondrial damage by oxidative stress and elevated cytosolic calcium level can result in 

the release of proapoptotic factors such cytochrome c and apoptosis-inducing factor (AIF) 

(Bloemberg and Quadrilatero, 2019). The release of cytochrome c from the mitochondria 

mediate muscle wasting by activating caspase-3 that subsequently stimulate muscle protein 

degradation. On the other hand, the released cytochrome c can also induce myonuclei 

apoptosis (Smuder et al., 2010; Bloemberg and Quadrilatero, 2019). Theoretically, the 

depletion of myonuclei within skeletal muscle fibers may contribute to the suppression of 

protein synthesis by reducing the transcriptional capacity of muscle fibers (Powers et al., 

2012). 

3) Mitochondrial damage result in low ATP production. 

Low ATP production resulting from mitochondrial damage have been shown to contribute 

to muscle wasting by suppressing muscle protein synthesis and accelerating muscle protein 

degradation (Hyatt and Powers, 2021). Since energy is required for any anabolic process in 

this case protein synthesis therefore any alteration in energy level in muscle would no doubt 

impact muscle protein synthesis negatively. Additionally, depletion of muscle energy level 

can directly or indirectly induce protein degradation via the AMP-kinase activity (Thomson, 

2018). Specifically, AMPK is a crucial cellular energy sensor, and once activated, AMPK 

promote FoxO3 action independently of Akt (Greer et al., 2007). The activation of the 

transcriptional activating factor FoxO3, upregulate the expression of both UPS an ALS 

related proteolytic genes such as atrogin-1, MuRF-1, LC3, and Bnip3 which in turn accelerate 

muscle protein degradation (Romanello and Sandri, 2010; Romanello et al., 2010). 
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2.2.3. Impairment of satellite cell activity  

As described earlier, the remarkable regenerative potential of muscle depends absolutely on 

small population of muscle cells called satellite cells (SCs). Decrease in SC number and 

function have been shown to diminish the regenerative capacity of skeletal muscle in both 

humans and mice (Joseph and Doles, 2021; Relaix et al., 2021). Mechanistically, the process 

underlying SC dysfunction in muscle atrophy is diverse and new concept is constantly 

emerging. Although, our knowledge is still limited, however, here are some fact that have 

been established. For example, deregulation of SC self-renewal pathways has been shown to 

impaired SC function in both aging and disease state. One of such pathways is Notch 

signaling pathway. Downregulation of Notch signaling activities in SCs favors rapid 

myogenic differentiation, without an intervening phase of cell division (Bjornson et al., 

2012; Mourikis et al., 2012). This loss of self-renewing ability of SC, result in the depletion 

of SC pool which ultimately affect muscle regeneration (Fukada et al., 2011). 

Cellular senescence, a state of irreversible cell cycle arrest, is another mechanism that often 

contribute to impairment of SC (Jejurikar and Kuzon, 2003; Saito and Chikenji, 2021). 

Although this mechanism does not seem relevant to sarcopenia because SC isolated from 

aged muscle retain their proliferative potential (Renault et al. 2000). However, senescence of 

muscle SC often impairs muscle regeneration in chronic disease state (Saito and Chikenji, 

2021).  

Furthermore, age-induced impairment of SC number and activity have also been associated 

to changes in SC environment (Conboy et al. 2005; Cosgrove et al., 2014; Bernet et al., 2014). 

This changes disrupt quiescence and subsequent myogenic progression of SC which 

eventually alters SC maintenance and muscle regenerative capacity (Bentzinger et al., 2013; 

Sousa-Victor et al., 2014). Interestingly, several reports have shown that exposure of old SC 

to young systemic environment is capable of restoring the regenerative capacity of aged 

muscle (Conboy et al. 2005; Cosgrove et al., 2014; Bernet et al., 2014). Circulating factors 

such as oxidative stress, hormone, inflammatory cytokine and exosome containing non-

coding RNA, including microRNAs (miRNAs) are key molecular cues that differentiate old 

systemic environment from that of the young (Collins et al., 2019; Szentesi et al., 2019; 
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Papanikolaou et al., 2019; Fochi et al., 2020). The signaling pathways that these circulating 

agents’ triggers is what contribute to SC apoptosis and overall muscle degeneration. 

Similarly chronic disease also deteriorates muscle SC niche. In fact, evidence suggest that 

changes in the circulatory factors in SC environment during chronic disease can contribute 

to decrease in SC pool as well as alters their fate (Bentzinger et al., 2013).  

 

2.2.4. Extracellular matrix remodelling 

The ECM is the non-cellular three-dimensional network of macromolecules such as collagen, 

elastin, proteoglycan, and glycoproteins that not only provides mechanical support for 

muscle fibers, nerves and blood vessels but also initiates essential biochemical and 

biophysical dialogue with other cellular components including epithelial cells, fibroblast, 

myoblast, and or macrophages (Csapo et al., 2020). Although little is known about the role 

of ECM structure on muscle growth and development. However, recent study has shown that 

structural modification of ECM (i.e., degradation or thickening) also termed ECM 

remodeling could influence critical events that control muscle SC proliferation and 

differentiation, which in turn can influence skeletal muscle health (Stearns-Reider et al., 

2017; Zhang et al., 2021). For instance, study has shown that abnormal accumulation of ECM 

can inhibit SC myogenic differentiation ability during muscle regeneration (Lacraz et al., 

2015). Research has also indicated that excessive accumulation of Type 1 collagen one of 

the protein components in ECM can significantly inhibit myogenic differentiation (Alexakis 

et al., 2007). Meanwhile, the depletion of Type I collagen could prevent myoblast 

proliferation and migration (Liu et al., 2020). ECM modification requires tight regulation in 

other to prevent over degradation or overproduction of ECM (Csapo et al., 2020). Several 

factors are responsible for aberrant ECM remodelling, for instance, upregulation of TGFβ 

has been shown to induce the translocation of the transcription factors complex SMAD2–

SMAD3 into the nucleus, where it directly stimulates the expression of ECM genes such 

as COL1A1, COL3A1 and TIMP1 (Bonnans et al., 2014). On the other hand, overexpression 

of enzymes responsible for ECM degradation such as Matrix metalloproteinases (MMPs) and 

ADAMs (a disintegrin and metalloproteinases) can trigger excessive ECM degradation 
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(Bonnans et al., 2014). For example, upregulation of heart specific MMP1 have been reported 

to increase collagen degradation which eventually led to cardiomyopathy (Kim et al., 2000). 

 

2.3. Animal models for studying skeletal muscle atrophy 

Although muscle wasting is a common complication associated with several clinical 

conditions (such as diabetes, liver cirrhosis, cancer, cardiovascular disease, renal failure etc.) 

muscle disuse, and aging (Yoshida. and Delafontaine, 2015; Mitchell et al., 2012; Howard et 

al., 2020; Morley et al., 2006; Peng et al., 2007; Tan and Fearon, 2008). However, the 

molecular and biochemical process that promote this complication are distinct (Holecek, 

2012). Thus, to understand the pathogenesis and develop an effective therapeutic strategies 

to treat muscle wasting, there is need to use clinically relevant model in muscle wasting 

studies. Interestingly, muscle wasting has been well characterized in different animal models 

by administering various mediators of muscle wasting (such as cytokine, ROS), hindlimb 

suspension, microbial infection, denervation, disease induction by specific toxic agent/drug 

or genetic manipulation (Holecek, 2012; Kottaisamy et al., 2021). For example, muscle 

wasting associated with cancer has been studied in animal by transplanting tumour cells into 

the animal or by administering large amounts of potent carcinogens (Holecek, 2012). 

Recently genetically engineered mouse models have also been used (Holecek, 2012). 

Similarly, diabetes induced-muscle wasting has been studied by utilizing genetically 

modified mouse or administration of chemical agents such as Streptozotocin (STZ), alloxan 

(Kottaisamy et al., 2021). Despite all the advantages animal models offer for investigating 

and developing novel drug for muscle wasting, there is no single animal model that can 

totally mimic all the perturbation underlying muscle wasting associated with several disease, 

aging and inactivity in human. However, since each muscle wasting experimental animal 

model have a unique pathophysiological mechanism driving them, studying muscle wasting 

in several muscle wasting animal models is essential. This is because the knowledge gain in 

each model can be translated to clinical practice to solve the diverse complications of muscle 

wasting in human patients. Thus, in this study two disease induced animal models were 
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employed to study muscle wasting including non-alcoholic fatty liver disease (NAFLD), and 

diabetes mellitus (DM). 

 

2.4. NAFLD and diabetic epidemiology, etiology, and pathogenesis 

The prevalence of non-alcoholic fatty liver disease (NAFLD), and diabetes mellitus (DM) 

continues to rise globally. Recent data showed that approximately one-quarter of the global 

adult population is estimated to have NAFLD (Lazarus et al., 2021). The situation is even 

worse for diabetes. In 2021 alone diabetes kills approximately 6.7 million people globally, 

that means one person dies of diabetes every 1 second. In fact, by 2045 about 783 million 

people are expected to be living with diabetes (Sun et al., 2022).  

NAFLD is a challenging disease that is characterized by excess hepatic fat accumulation 

(nonalcoholic fatty liver (NAFL)), inflammation, hepatocyte injury (nonalcoholic 

steatohepatitis (NASH)) and fibrosis (Tilg et al., 2021). Many factors (both exogenous and 

endogenous) contribute to the pathogenesis of NAFLD. These triggers include insulin 

resistant (IR), obesity, metabolic syndrome, oxidative stress, gut dysbiosis, adipose tissue 

secreted hormones, intestinal leakage, endocrine disruptors, and particulate matter (Delli 

Bovi et al., 2021). Furthermore, genetic, and epigenetic factors have also been shown to 

influence NAFLD pathogenesis and progression (Gjorgjieva et al., 2019; Taliento et al., 

2019). Alterations of epigenetic mechanisms such as DNA methylation, histone 

acetylation/methylation and non-coding RNA-dependent post-transcriptional regulation 

plays a critical role in reprogramming molecular mechanisms governing hepatic metabolism 

disorder associated with NAFLD. For instance, impaired glucose/lipid metabolism pathway 

and deregulated cellular processes (such as autophagy, endoplasmic reticulum-stress) and 

unfolded protein response) that converge in the aberrant hepatic lipid accumulation in 

NAFLD are all under the control of miRNAs (Figure 8) (Gjorgjieva et al., 2019). 
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Figure 8. Deregulated miRNAs in NAFLD are an important epigenetic factor that contribute 
to the reprogramming of glucose/lipid metabolism and stress-induced pathways in NAFLD 
(Source: Gjorgjieva et al., 2019).  
 
Diabetes mellitus (DM) on the other hand is serious systemic disease that is characterized by 

hyperglycemia (elevation of blood glucose concentration) due to defect in insulin secretion 

or insulin action or both. The key mechanism resulting in the two main form of DM (type 1 

DM and type 2 DM) is loss of functional pancreatic β-cell mass (Eizirik et al., 2020).  Type 

1 DM is caused by autoimmune-mediated pancreatic β-cell destruction which lead to an 

absolute insulin deficiency. The pathogenesis of the disease involves a complex dialog 

between immune cells (e.g invading or residence macrophage and T cells) and pancreatic β-

cell. This pathogenic cross talk is what triggers local inflammation (insulitis) and progressive 

pancreatic β-cell death mainly via apoptosis (Eizirik et al., 2020). A number of factors shaped 

this pathogenic dialogue, this includes individual genetic predisposition, age, and 
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environmental factors such as viral infections and diet, among others (DiMeglio et al., 2018; 

Nakayasu et al., 2019). The exposure of susceptible individual to this factors can trigger 

pancreatic β-cell autoimmunity (DiMeglio et al., 2018; Nakayasu et al., 2019). Meanwhile 

Type 2 DM is characterized by insulin resistance in peripheral tissues specifically the muscle, 

liver, and adipose tissue (Galicia-Garcia et al., 2020). This condition is usually complicated 

by progressive failure of pancreatic β-cells to secrete insulin (Galicia-Garcia et al., 2020). 

Obesity, is the main driver of type 2 DM. This condition promotes IR via several 

inflammatory mechanisms such as increased free fatty acid (FFA) release and adipokine 

deregulation (Chatterjee et al., 2017). Other factors such as genetic, metabolic, sedentary 

lifestyles, high caloric diets and environmental factors also contribute to the development of 

Type 2 DM (Chatterjee et al., 2017). In view of the foregoing, it is clear that both NAFLD 

and DM especially type 2 DM share common pathogenic agent which include obesity, IR, 

and genetic factors. In fact, recent studies have suggested that a bidirectional relationship 

exists between NAFLD (or NASH) and type 2 DM (Ferguson and Finck, 2021). Due to this 

interplay, it is unsurprising then to see that both NAFLD and DM patients almost share 

common complications such skeletal muscle atrophy, and microvascular disease, especially 

chronic kidney disease (Mantovani et al., 2020; Targher et al., 2021; Choe et al., 2018; 

Vignaud et al., 2007). 

2.5. Clinical significance of Muscle Wasting in NAFLD and DM 

As mentioned earlier, insulin resistance (IR) is a major defect common to both NAFLD and 

DM (Ferguson and Finck, 2021). Since skeletal muscles is the largest pool of insulin sensitive 

tissues in human body, it is the major tissue responsible for majority of body’s glucose uptake 

(Son et al., 2017; Wu et al., 2019). No wonder, IR in this tissue significantly results in whole-

body metabolic disturbances (Cleasby et al., 2016). This metabolic disturbances 

subsequently accelerate muscle wasting (Nishikawa et al., 2021). This muscle loss in turn 

reduces the muscle ability to clear glucose from the blood. This worse glycemic control will 

eventually promote other secondary complications such as cardiovascular disease, chronic 

kidney disease, and vision loss, nerve damage, decrease physical performance (Mantovani et 

al., 2020; Targher et al., 2021; Ferguson and Finck, 2021; Mantovani et al., 2020; Orlando et 
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al., 2017). These secondary complications can also exacerbate muscle wasting. For example, 

chronic kidney disease has been shown to worsen muscle wasting by increasing protein 

degradation and suppressing protein synthesis (Zhang et al., 2020; Sabatino et al., 2021). 

Interestingly, there are standard treatment available for treating DM and NAFLD associated 

renal injury, these include glucose and blood pressure control, blockage of renin-angiotensin 

system and prevention of lipid accumulation (Zoja et al., 2020). Unfortunately, this 

therapeutic strategies cannot render protection if the renal injury has become chronic a 

condition called end stage renal disease (ESRD). ESRD is an irreversible damage of kidney 

that can only be treated by transplantation (Selby and Taal, 2020.). Regrettably most patient 

with diabetes end up with this end stage renal disease because currently the diagnosis of this 

disease majorly relies on blood urea nitrogen (BUN), albumin, and cytokines) level (Su et 

al., 2021). Unfortunately, this parameter has a major problem of low sensitivity thereby 

missing early injury responses in diabetic kidneys. In addition, these traditional serum/urine 

biomarkers concentration are often affected by protein diet, intake of certain drugs and other 

secondary complication of diabetes (Wasung et al., 2015). Other traditional methods such as 

histological analysis also have a major drawback of invasiveness. Therefore, along with 

searching for therapeutic strategy to manage muscle wasting there is urgent need to develop 

non-invasive diagnostic tool for early detection of renal injury in both experimental animal 

and human patient with DM and NAFLD 
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Chapter 3 

Experiment 1 
 

Satellite cell content and muscle regeneration in a mouse model of NAFLD 

3.1. Introduction 

Nonalcoholic fatty liver disease (NAFLD), characterized by the accumulation of fat in the 

liver, is the most common type of liver disease and is widely studied as a leading cause 

of cirrhosis in developed countries (Cotter and Rinella, 2020). A pathologic relationship 

between NAFLD and other diseases has been reported previously (VanWagner and Rinella, 

2016; Bullón-Vela et al., 2020), and there is increasing evidence that NAFLD is often 

associated with not only hepatic cirrhosis but also other lifestyle-related diseases such as 

cardiovascular disease, type 2 diabetes, and cancer (Bullón-Vela et al., 2020). Clinical studies 

have documented that loss of muscle mass (muscle atrophy) is a major complication 

associated with NAFLD (Pacifico et al., 2019; Choe et al., 2018). This impairment in 

the musculoskeletal system has a role in the physical disability, health decline, and increased 

risk of mortality commonly observed in patients with NAFLD (Cruz et al., 2019). Thus, 

understanding the cellular and molecular mechanisms that prompt muscle atrophy in 

NAFLD will lead to identification of novel therapeutic strategies for the treatment of NAFLD. 

However, the cellular and molecular mechanisms underlying NAFLD-mediated effects 

on skeletal muscle mass and functions remain unclear because research assessing the 

pathologic relationship between NAFLD and skeletal muscles at the cellular and molecular 

level is relatively scarce. 

Common mechanisms that cause skeletal muscle atrophy include impaired protein 

metabolism (increased protein catabolism and decreased protein anabolism), delay in muscle 

regeneration, and alteration in muscle progenitor cells (also known as satellite cells 

[SCs]) (Bonaldo and Sandri, 2013; McKenna and Fry, 2017; Muñoz‐Cánoves et al., 2020). 

However, it is not clear whether any of these main mechanisms prompt muscle atrophy in 

NAFLD. Several studies have indicated that the SC pool and/or function is reduced in a 

variety of lifestyle-related diseases (such as diabetes, obesity, cancer, and cardiovascular 
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disease) characterized by loss of muscle mass (D'Souza et al., 2015; D'Souza et al., 2016; 

Inaba et al., 2018; Abbott and Giordano, 2003). Satellite cells constitute a small population 

of cells that are primarily responsible for skeletal muscle maintenance and repair (Hawke and 

Garry, 2001). In response to stimuli such as muscle injury, SCs become activated and then 

proliferate extensively, self-renew their population, and differentiate into mature new 

myofibers (Hawke and Garry, 2001). Satellite cells exist in two states in the skeletal muscle: 

an inactive (quiescent) state and an activated state. Satellite cells in both states express a 

unique marker, Pax7 (Lepper et al., 2011), whereas only activated SCs express MyoD, which 

is often referred to as the master regulator of myogenesis and is the key transcriptional factor 

responsible for converting non-muscle cell types into muscles (i.e., differentiation) (Tapscott, 

2005). 

Accumulating evidence indicates that chronic inflammation that accompanies most lifestyle-

related diseases (Furman et al., 2019)  may be a major factor responsible for reduced SC 

population and activity. Importantly, this dysfunction of SCs is what eventually promotes 

loss of muscle mass in these conditions (McKenna and Fry, 2017; Perandini et al., 2018). 

Because chronic inflammation is closely associated with NAFLD (Furman et al., 2019), we 

hypothesized that NAFLD negatively affects SC quantity and/or functionality and muscle 

regeneration. 

This study investigated the effects of NAFLD on skeletal muscle regeneration in mice with 

NAFLD induced by a choline-deficient diet (CDD), with a major focus on the muscle SC 

population. The present study is the first to demonstrate that muscle wasting in NAFLD can 

be attributed to a decrease in muscle SC content and function. This observation provides 

evidence for the delay in muscle regeneration among mice with NAFLD. 

3.2. Materials and methods 

3.2.1 Animals and diets 

All animal experimental protocols and procedures were approved by the Hiroshima 

University Animal Committee, and the mice were maintained according to Hiroshima 
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University guidelines for the care and use of laboratory animals (Ethical approval No. C18-

15-4). Four-week-old male CD-1 (ICR) mice were purchased from Charles River Japan, Hino, 

Japan. Mice were fed with a commercial standard chow diet (MF, Oriental Yeast, Tokyo, 

Japan) for 1 wk. At 5 wk of age, mice were fed with either a choline-deficient diet for 4 wk 

(NAFLD group; n = 8) or a 0.2% choline-containing diet for 4 wk (control [CONT] group; 

n = 8). The composition of the diets has been reported in a previous study (Mitsumoto et al., 

2017). At 9 wk of age, after 4 wk of the CONT or NAFLD diet treatment, all animals from 

each CONT and NAFLD diet group were divided into two subgroups (4 mice per group): a 

muscle injury group by cardiotoxin (CTX) injection (injured groups were named as CTX-

CONT and CTX-NAFLD groups) for muscle regeneration analysis or a non–muscle injury 

group (uninjured groups were named as CONT and NAFLD groups) for single myofiber 

isolation and mRNA extraction. All mice were housed in standard metal cages in a room with 

controlled temperature and humidity under a 12:12 h light:dark cycle. All mice had free 

access to the group diet and water. 

3.2.2. Skeletal muscle injury and tissue and blood collection 

Skeletal muscle injury was induced via intramuscular injection of 10 μM CTX (Latoxan, 

Valence, France; 100 μL per muscle) on the left tibialis anterior (TA) and 

left gastrocnemius (GAS) of both the CTX-CONT and the CTX-NAFLD groups as 

previously described (Nissar et al., 2012). At 5 d postinjury, mice were sacrificed under 

isofurane anesthesia (between 13:00 and 15:00 h) after removal of food (06:00 h). Blood was 

collected from the abdominal vein into tubes on ice. Then, serum was obtained by 

centrifugation at 8000 rpm for 10 min and stored at −80°C. The TA muscles from injured 

mice (CTX-CONT and CTX-NAFLD groups) and uninjured mice (CONT and NAFLD 

groups) were isolated, weighed, covered with optimum cutting temperature embedding 

compound, and immediately frozen in liquid nitrogen-cooled isopentane. The GAS 

muscles from uninjured mice were snap frozen in liquid nitrogen after measuring the net 

weight and were used for mRNA analysis. All tissues were stored at –80°C until analysis. In 
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the uninjured CONT and NAFLD mice groups, both the left and right extensor digitorum 

longus (EDL) muscles were harvested and used for single muscle fiber isolation. 

3.2.3. Serum biochemical parameters 

Serum alanine transaminase and aspartate transaminase levels were determined using a 

Beckman Coulter AU480 analyzer (Beckman Coulter, Krefeld, Germany)—an automated 

chemistry instrument for turbidimetric, spectrophotometric, and ion-selective electrode 

measurements—according to the manufacturer's protocol. 

3.2.4. Immunofluorescence staining of muscle sections 

The frozen TA sections (6 μm thick) from the uninjured CONT and NAFLD groups were 

fixed for 20 min with 4% paraformaldehyde at room temperature (RT, approximately 

25 ± 5°C), permeabilized with 0.2% Triton-X100 (Sigma-Aldrich, Saint Louis, Missouri 

63103 USA) in Phosphate-buffered saline (PBS) containing 2% bovine serum 

albumin (Sigma), 0.1% sodium azide, 5% fetal bovine serum, and 5% normal goat serum for 

1 h at RT, and then transferred to a blocking solution from the M.O.M. kit (Vector 

Laboratories Inc., USA) for 1 h at RT. Muscle sections were then incubated with primary 

antibodies (mouse anti-Pax7 (1:100; Developmental Studies Hybridoma Bank (DSHB), 

Iowa City, IA, USA) and rabbit antilaminin (1:500; Abcam ab11575, Cambridge, MA) at 

4°C overnight followed by incubation with a secondary antibody (goat 

antimouse IgG1 Alexa-594 [1:1000; Invitrogen A-21125], Carlsbad, CA) 

and Fluorescein (FITC)-AffiniPure goat antirabbit IgG (1:500; Jackson ImmunoResearch 

111-095-003, West Grove, PA) at RT for 1 h. Nuclei were counterstained with DAPI (4′,6-

diamidino-2-phenylindole) for 10 min at RT. 

3.2.5 Single myofiber isolation, immunostaining, and culture 

The EDL muscles obtained from groups of uninjured CONT and NAFLD mice were digested 

by 0.2% collagenase I in Dulbecco's modified Eagle medium (DMEM) (Invitrogen), as 

previously described (Nissar et al., 2012). Then, the isolated single fibers were either fixed 
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immediately with 4% paraformaldehyde for 5 min or cultured for 24 h and 48 h in DMEM 

supplemented with 10% (v/v) horse serum, 100 μg/mL streptomycin, and 0.5% (v/v) chick 

embryo extract at 37°C in 5% CO2. After the 24 h and 48 h culture, all single fibers from all 

experimental groups were fixed with 4% paraformaldehyde for 5 min and subjected 

to immunostaining. Fixed single myofibers were then permeabilized with 0.5% Triton-X 100 

in PBS for 30 min at RT, blocked (PBS with 1.5% normal goat serum and 1.5% normal horse 

serum) for 30 min at RT, and then stained with primary antibodies (mouse anti-Pax7 

[DSHB]) at 1:1, rabbit anti-MyoD (Santa Cruz Biotechnology M-318, Dallas, TX, USA at 

1:100) at 4°C overnight. Subsequently, the myofibers were stained with appropriate 

secondary antibodies at RT for 1 h. Secondary antibodies used were FluoroLinkCy3-labeled 

goat antimouse IgG (1:1000; GE Health care PA43002, Jackson ImmunoResearch) for Pax7 

(red) and Fluorescein isothiocyanate (FITC)-labeled goat antirabbit IgG (1:500; Jackson 

ImmunoResearch) for MyoD (green). After immunostaining, myofibers were counterstained 

with 1 μg/mL DAPI (blue) for 5 min at RT. 

3.2.6 Skeletal muscle histology 

Following standard procedures, the TA muscle of all treatment groups (injured and 

uninjured) and extensor digitorum longus (EDL) muscle of uninjured group embedded in 

optimum cutting temperature embedding compound were transversely cryosectioned (8 μm) 

and stained with hematoxylin and eosin to access the differences in muscle morphology 

between mice cohorts at rest and 5 d postinjury. On average, approximately 90 fibers were 

analyzed per muscle section. The image analysis provided essential information about fiber 

morphology, fiber size, and the presence of myopathic makers (such as centrally located 

nuclei, pale cytoplasm, and necrotic fibers) as previously established (Krause et al., 2011). 

3.2.7. Microscopy and image analysis 

An Olympus IX81 Inverted wide microscope was used to capture all the images, and Nikon 

Elements software was used to analyze them. The analysis included quantification of SC 

numbers (Pax7+/DAPI+), SCs differentiation (MyoD+/Pax7−/DAPI+), and SC 
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proliferation (MyoD+/Pax7+/DAPI+) on single myofibers and average myofiber size in TA 

muscle sections. 

3.2.8. RNA analysis 

Total RNA was isolated from liver tissue and GAS muscles of the uninjured CONT and 

NAFLD mice using the RNeasy lipid tissue kit (QIAGEN Sciences, Germantown, MD). 

cDNA synthesis was performed with 1 μg isolated RNA using ReverTra Ace (TOYOBO, 

Osaka, Japan) and random hexamers (TaKaRa Bio, Kyoto, Japan) according to the 

manufacturers’ recommendations. For real-time quantitative polymerase chain reaction 

(qPCR), THUNDERBIRD SYBR qPCR Mix (TOYOBO) and StepOnePlus (Applied 

Biosystems, Foster City, CA) were used with conditions set as previously described 

(Mitsumoto et al., 2017). Specific primers were obtained from Eurofins Genomics, Tokyo, 

Japan (Table 1). 

 

Table 1. Primer sequences for qPCR 

Target gene Sequence (5'-3') 

L19 Forward 
Reverse 

GGCATAGGGAAGAGGAAGG 
GGATGTGCTCCATGAGGATGC 

TNFα Forward 
Reverse 

CGTCGTAGCAAACCACCAAG 
TTGAAGAGAACCTGGGAGTAGACA 

IL-1β Forward 
Reverse 

GAAGGGCTGCTTCCAAACCT 
GTTGTTCATCTCGGAGCCTG 

NOX2 Forward 
Reverse 

AGCTATGAGGTGGTGATGTTAGTGG 
TGCACAGCAAAGTGATTGGC 

GPx2 
 

Forward 
Reverse 

TCCCTTGCAACCAGTTCG 
ATGCTCGTTCTGCCCATTGA 

Adipsin Forward 
Reverse 

TGTACTTCGTGGCTCTGGTG 
CACCTGCACAGAGTCGTCAT 

Mogat1 Forward 
Reverse 

CTGGTTCTGTTTCCCGTTGT 
TGGGTCAAGGCCATCTTAAC 
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3.2.9. Serum TNF-α quantification 

Serum tumor necrosis factor-alpha (TNF-α) was determined using the Mouse TNF-α ELISA 

kit (BioLegend, California, USA, catalog: 430907) according to the manufacturer’s 

instruction.  

3.2.10. Liver lipid analysis 

Hepatic fat accumulation was determined by Nile red staining. Briefly, liver cryosections (5 

μm thick) were fixed with 4% PFA in PBS for 15 min. It was then washed in PBS and 

incubated in Nile red (Sigma,19123) and counter stained with 1 μg/mL DAPI (blue) for 15 

min at room temperature. Images were taken using an Olympus BX53 microscope (Olympus, 

Tokyo, Japan) 

3.2.11. Western blot analyses 

Equal amounts of protein derived from uninjured gastrocnemius (Gas) muscle was resolved 

by SDS-PAGE, transferred onto a polyvinylidene difluoride (PVDF) membranes (Bio-Rad, 

Missisauga, Ontario), blocked with 5% skim milk at room temperature (RT) for 1 hr. 

Subsequently, the membranes were incubated with a primary antibody against NADPH 

oxidase 2 (NOX2) (Proteintech Group Inc's), Arginase 1 (Biolegend, London, UK) and 

GAPDH (Santa Cruz Biotechnology, Santa Cruz, CA) overnight at 4°C, followed by 

incubation with an appropriate secondary antibody. Proteins were then visualized with an 

ECL western blot detection system  

3.2.12. Statistical analysis 

All data were analyzed by Student’s t test and p < 0.05 was considered as statistically 

significant (denoted appropriately in all figures). Data are expressed as means ± standard 

error (S.E.).  

3.3. Results 

3.3.1. NAFLD development 
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To induce NAFLD, mice were fed a CDD for 4 wk, whereas the control mice were fed a 

0.2% choline-containing diet. The data showed that mice fed a CDD had a slightly greater 

body weight (Table 2) and developed hepatomegaly, with an approximately 50% increase in 

liver weight (Figure 9A) compared with the control mice. 

Table 2. Mouse body weight 
 
Groups CON NAFLD 
Initial body weight 31.20 ± 0.78 30.33 ± 0.77 
Final body weight 38.55 ± 0.87 39.6 ± 0.64 
Body weight gain (g/4w) 7.35 ± 0.67* 9.28 ± 0.38* 

Values are expressed as means ± S.E. (n=8). * Denotes significant difference in nonalcoholic 
fatty liver disease (NAFLD) compared to control (CON) assessed by t test p < 0.05. 
 
To further investigate hepatic function and integrity, various serum biochemical parameters 

were evaluated. The results showed that mice fed a CDD for 4 wk had serious hepatic injury 

as indicated by a significant increase in blood aspartate aminotransferase and alanine 

transaminase levels when compared with the control mice (P < 0.01) (Figure 9B, C, 

respectively). 
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Figure 9. The pathologic analysis and assessment of mouse liver tissues after dietary 
treatment. Control-group mice (n = 4) (CONT) were fed with a control diet and mice in 
the nonalcoholic fatty liver disease (NAFLD) group (n = 4) were placed on a choline-
deficient diet for 4 wk. (A) The NAFLD mice showed a significant increase in liver size 
compared with the CONT mice. (B-C) Serum aspartate transaminase and alanine 
transaminase level. (D-E) Relative hepatic mRNA expression levels of proinflammatory 
genes TNF-α and IL-1 β. All values are expressed as means ± SEs. * P < 0.05 and ** P < 
0.01 as determined by the student t test. 
 

Further evaluation of the NAFLD mice hepatocytes by Nile red fluorescence staining 

indicated that lipid droplet accumulation in the livers of the NAFLD mice was severely high 

(Figure 10A), which is consistent with previous findings (Mitsumoto et al., 2017). In fact, 

the expression level of adipsin and monoacylglycerol O-acyltransferase 1 (Mogat1), which 

are fatty liver maker genes, was severely downregulated in mice with NAFLD (Figure 10 B, 

C). An imbalance in cytokine production has been shown to play a key role in the 
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pathogenesis of NAFLD (Kugelmas et al., 2003). Therefore, mRNA expression of tumor 

necrosis factor α (TNF-α) and interleukin-1 β (IL-1 β) in liver tissues was evaluated using 

qPCR. As expected, a significant increase in the expression of TNF-α (P < 0.05) and IL-1 β 

(P < 0.05) was observed in the livers of NAFLD mice when compared with that in the 

controls (Figure  9 D, E). These results suggest that NAFLD was successfully induced after 

feeding mice with a CDD for 4 wk. 

 
 

Figure 10. Lipid droplet accumulation in the livers of the NAFLD mice (A) Lipid droplet 
accumulation increases in NAFLD mice hepatocytes as indicated by Nile red fluorescence 
staining. Lipid droplets (red) / nuclei staining (blue) (B-C) Hepatic gene expression level of 
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adipsin and modat1 are downregulated NAFLD mice. All values are expressed as means ± 
SEs. * P < 0.05 and ** P < 0.01 as determined by the student t test. 

3.3.2. Defects in muscle health among NAFLD mice 

Previous studies have shown that the muscle mass of uninjured TA muscle remains unaltered 

after an American lifestyle-induced obesity syndrome diet (Cabrera et al., 2016). Similarly, 

there was no difference in the uninjured TA and GAS muscle masses between CDD-fed mice 

(NAFLD group) and mice fed with a 0.2% choline-containing diet (CONT group) (Figure 

11A). However, a hematoxylin and eosin–stained cross-section of uninjured TA muscle 

revealed that the average myofiber area was significantly reduced in the NAFLD mice 

compared with the CONT mice (P < 0.01) (Figure 11 B, C).  
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Figure 11. The muscle of a mouse with NAFLD displayed hallmarks of myopathy. (A) The 
muscle mass of uninjured TA and GAS muscles. (B) The H&E-stained cryosections of 
uninjured TA muscles illustrated muscle atrophy in muscles of mice with NAFLD. Scale bar 
represents 50 μm. (C) Quantification of an average myofiber cross-sectional area of an 
uninjured TA muscle from (B) indicated the occurrence of muscle atrophy in NAFLD mice 
(n = 4) compared with CONT mice (n = 4). (D) Muscle fiber diameter distribution revealed 
a larger percentage of smaller fibers in NAFLD mice muscles compared with those of CONT 
mice. An average of 90 fibers were randomly counted per muscle. All values are expressed 
as means ± SEs. *P < 0.05 and **P < 0.01 as determined by the Student t test. CONT, 
control; GAS, gastrocnemius; H&E, hematoxylin and eosin; NAFLD, nonalcoholic fatty 
liver disease; TA, tibialis anterior. 
 

Furthermore, as depicted in Figure 11D, a significantly greater percentage of small myofibers 

(and a significantly smaller percentage of large myofibers) was observed in the NAFLD mice 

compared with that in the CONT mice. Similarly, the average myofiber area of NAFLD EDL 

muscle was significantly reduced (P < 0.01) (Figure 12A, B), and the significantly greater 

percentage of small myofibers was observed in NAFLD EDL muscle when compared with 

that in controls (Figure 12C). Taken together, these findings suggest that the muscle 

wasting observed in NAFLD may be attributed to a reduction in the size of individual 

myofibers. 
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Figure 12. Myofiber atrophy was shown in NAFLD EDL muscle (A) H&E stained 
cryosections of uninjured EDL muscles illustrate muscle atrophy in NAFLD mice muscles. 
Scale bar represents 200 μm. (C) quantification of average myofiber cross-sectional area of 
uninjured EDL muscles from B indicated the occurrence of muscle atrophy in NAFLD mice 
compared with CONT. (D) Muscle fiber diameter distribution reveals a larger percentage of 
smaller fibers in NAFLD mice muscles compared to CONT.  An average of 120 fibers were 
randomly counted per muscle. All values are expressed as means ± S.E. *p < 0.05, **p < 
0.01, ***p < 0.001 as determined by Student´s t test. n= 5 C and n=5 NAFLD). Control mice 
(CONT), nonalcoholic fatty liver disease mice (NAFLD), extensor digitorum longus (EDL), 
and hematoxylin and eosin (H&E). 

3.3.3. Population of SCs in skeletal muscle of NAFLD mice 

The importance of SC content in skeletal muscle health has been well established (von 

Maltzahn et al., 2013; McCarthy et al., 2011). Based on this fact, it was hypothesized that the 

reduction in individual myofiber (i.e., myofiber atrophy) observed in NAFLD TA and EDL 

muscle was owed to a decreased SC number. This hypothesis was tested by quantifying the 
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Pax7+ SC number on single myofibers isolated from the EDL muscle of uninjured NAFLD 

and CONT mice (Seale et al., 2011). The result showed that the number of Pax7+ SCs was 

significantly lower in the resting EDL muscle (quiescent state) of NAFLD mice compared 

with that of CONT mice (P < 0.01) (Figure 13A, B). To confirm that SC numbers were 

actually reduced in the muscles of NAFLD mice, Pax7+ SC numbers were also quantified in 

sections of uninjured TA muscle from CONT mice and NAFLD mice (Figure 13A). The 

numbers of Pax7+ SCs were reduced 4.3-fold in NAFLD TA muscle compared with CONT 

TA muscle (Figure 13C, D), suggesting a depletion of the SC pool in NAFLD mice. 
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Figure 13. The content of SCs was decreased in the skeletal muscle of mice with NAFLD. 
(A) Representative images of quiescent SCs on freshly isolated (time, 0 h) single 
myofiber from EDL muscles stained for Pax7 (red) and DAP1 
(blue) immunoreactivity (white arrowheads). (B) The quantification of SC numbers (via 
Pax 7+ content analysis) in freshly isolated single myofibers from EDL muscles. A total 
of 70 single myofibers were counted per group (≥15 single myofibers from each of the 4 
animals). (C) Uninjured TA muscle sections showing Pax 7+ SC (red), 
basal laminin (green), and myonuclei (blue). White arrowheads mark SCs. Scale bar 
represents 50 μm. (D) Quantification of Pax7+ SC/1 mm2 CSA in the TA muscle of 
NAFLD mice when compared with CONT mice (n = 5). All values are expressed as 
means ± SEs. ** P < 0.01, as determined by the Student t test. Scale bars are 50 μm. 
CONT, control mice; EDL, extensor digitorum longus; NAFLD, nonalcoholic fatty liver 
disease; SC, satellite cell; TA, tibialis anterior. 
 

3.3.4. Impairment in muscle regeneration after injury in NAFLD mice 

Depletion of SCs often results in regenerative defects (Lepper et al., 2011; von Maltzahn et 

al., 2013). As such, one could expect to see impairment in muscle regeneration in the muscles 

of NAFLD mice 5 d postinjury. To investigate this, TA muscles from both CTX-CONT and 

CTX-NAFLD groups were subjected to CTX injury. In response to the injury, the absolute 

mass of TA and GAS muscles in both animal groups remained unaltered 5 d postinjury 

(Figure 14A). However, histologic (hematoxylin and eosin) staining of injured CTX-CONT 

and CTX-NAFLD TA muscles indicated a morphologic difference between the animal 

cohorts at 5 d postinjury (Figure 14B). Furthermore a significant reduction (P < 0.01) was 

observed in the cross-sectional area of regenerating muscles in the CTX-NAFLD group at 5 

d postinjury compared with that in the CTX-CONT group (Figure 14C). To support the 

hypothesis that exposure to NAFLD profoundly affects the ability of skeletal muscle to repair 

after injury, the muscle fiber distribution graph was plotted. There was a significantly higher 

percentage of small fibers in the CTX-NAFLD muscles compared with the CTX-CONT 

muscles (Figure 14D). 
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Figure 14. The NAFLD environment caused delay in muscle regeneration after 5 d 
postinjury. (A) The muscle mass (g) of the injured TA and GAS muscles. (B) The H&E-
stained cryosections of injured TA muscles depicted delay in muscle regeneration in 
muscles of CTX-NAFLD mice compared with those of CTX-CONT mice. Scale bar 
represents 20 μm. (C) Quantification of average myofiber cross-sectional area of the 
regenerating (centrally nucleated) myofibers from B showed that NAFLD significantly 
impaired muscle regeneration. (D) Distribution of regenerating myofiber area revealed a 
larger percentage of smaller fibers in CTX-NAFLD mice compared with CTX-CONT 
mice. An average of 90 fibers were randomly counted per muscle. All values are 
expressed as means ± SEs. *P < 0.05 and **P < 0.01 as determined by the Student t test. 
CONT, control mice (n = 4); CTX-CONT, injured control mice; CTX-NAFLD, injured 
nonalcoholic fatty liver disease mice; GAS, gastrocnemius; 
H&E, hematoxylin and eosin; NAFLD, nonalcoholic fatty liver disease mice (n = 4); TA, 
tibialis anterior. 

3.3.5. NAFLD and impaired SC activity 

Because delayed muscle regeneration is attributed not only to SC depletion but also to 

abnormalities in SC function (Hawke and Garry, 2001; von Maltzahn et al., 2013), the effect 

of NAFLD on the activation, proliferation, and differentiation of SCs was examined. 
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However, the possibility that choline deficiency and not NAFLD is responsible for the 

depletion of the SC pool in vivo was first eliminated by culturing isolated single muscle fibers 

from EDL muscles in the presence of choline for 24 or 48 h. Next, the 24-h cultured single 

fibers were stained for nuclei and Pax7 (Figure 15A). The result showed that the number of 

SCs (as indicated by Pax7+ myonuclei) was lower on the NAFLD muscle fibers than on the 

CONT muscle fibers (Figure 15B), suggesting that SCs in NAFLD possessed lower 

activation ability. Next, single fibers cultured for 48 h was co-stained with Pax7 and MyoD 

(Figure 15C) in other to examine the proliferation and differentiation characteristics of SCs 

in the NAFLD and CONT muscles. The result indicated that NAFLD impaired SC 

proliferation and differentiation as evidenced by a decrease in expression of 

Pax7+/MyoD+ and Pax7−/MyoD+ in the myofibers of NAFLD mice compared with those in 

CONT mice (Figure 15D). However, there was no difference in the expression of 

Pax7+/MyoD− markers between the groups (Figure 15D). This observation suggests that the 

self-renewal capacity of the NAFLD muscle remained unaltered. 
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Figure 15. The function of SCs was altered in mice with NAFLD. (A) Representative image 
of single myofibers isolated from EDL muscles and after 24 h in cell culture stained for Pax7 
(red) and DAP1 (blue) immunoreactivity (arrowheads). (B) Quantification of SC content (via 
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Pax7+ analysis) after 24 h of culture indicated that SC activation was lowered in NAFLD 
mice compared with control mice. A total of 60 single myofibers were counted per group 
(≥15 single myofiber from each of the 4 animals). (C) Representative image of single 
myofibers isolated from EDL muscles and after 48 h in cell culture stained for DAPI (blue), 
Pax7 (red), and MyoD (green) (white arrowheads). (D) Quantification of Pax7+/MyoD−, 
Pax7+/MyoD+, Pax7−/MyoD+ content after 48 h indicated a reduction in the ability of 
NAFLD SCs to undergo expansive proliferation and differentiation compared with CONT 
SCs. (E) Quantification of the number of SCs expressing each myogenic marker after 48 h 
of cell culture, expressed as a percentage of the total number of SCs, indicated that 
differentiation was impaired in NAFLD mice compared with CONT mice. A total of 50 
single myofibers were counted per group (≥15 single myofiber from each of the 3 animals). 
All values are expressed as means ± SEs. **P < 0.01 as determined by the Student t test. 
Scale bar represents 50 μm. CONT, control; EDL, extensor digitorum longus; GAS, 
gastrocnemius; NAFLD, nonalcoholic fatty liver disease; SC, satellite cells; TA, tibialis 
anterior. 
 
Because the number of SCs in the beginning in the NAFLD myofibers was lower compared 

with that in the myofibers of CONT mice, to avoid inaccurate quantification, the expression 

of myogenic markers was quantified as a percentage to validate the potential for expansive 

proliferation, self-renewal, and differentiation activities of the NAFLD SCs compared with 

that of CONT SCs. The result showed that there was no difference in the proliferation and 

self-renewal capacity of NAFLD SCs, as indicated by the percentage of Pax7+/MyoD+ and 

Pax7+ nuclei when compared with CONT SCs. However, significantly fewer MyoD+ nuclei 

were observed in NAFLD myofibers (P < 0.01) (Figure 15E). These results suggested that 

NAFLD did not impair SC proliferation and self-renewal ability but altered the process of 

differentiation instead. 

3.3.6. Elevated oxidative stress and expression of arginase 1 and inflammatory cytokine 
in muscle of NAFLD mice 

Several studies have shown that chronic inflammation induces an imbalance in reactive 

oxygen species (ROS) homeostasis that results in poor muscle health (Kozakowska et al., 

2015; Choi et al., 2016). Interestingly, chronic inflammation is a major factor that mediates 

NAFLD and other extrahepatic complications. Thus, the significant increase in serum tumor 

necrosis factor α (TNFα) level (Table 3) and the hepatic expression of TNFα and IL-1 
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cytokines (Figure 9C, D) was hypothesized to induce ROS production in the muscles of 

NAFLD mice.  

Table 3. Serum TNF-α level 
 
Parameter Control group (n = 5) NAFLD group (n=6) 

Serum TNF-α (pg/mL) 0.248 ± 0.087 2.162 ± 0.376* 

The data are shown as the mean ± standard deviation. *p < 0.05. TNF-α tumor necrosis 
factor-alpha 

 

This hypothesis was tested by assessing the expression of NADPH oxidase-2 (NOX2), an 

important enzyme involved in ROS generation (Fan et al., 2016), which is induced by 

proinflammatory cytokines, especially TNFα. The gene and protein expression of NOX2 

from the GAS muscles of uninjured NAFLD and CONT groups was quantified using qPCR 

and western blotting. The result showed that both the mRNA and the protein expression level 

of NOX2 are significantly upregulated in the GAS muscles of the NAFLD mice compared 

with those of the CONT mice (P < 0.05) (Figure 16A, Figure 17A, B). Similarly, the 

expression level of glutathione peroxidase 2 (GPx2), an endogenous antioxidant enzyme 

responsible for scavenging ROS in cells and tissues (Ji, 2007) was quantified using qPCR.  

The result showed that the expression level of GPx2 was also increased in the GAS muscles 

of NAFLD mice compared with those of the CONT mice (Figure 16B). This result suggested 

that elevated oxidative stress occurs in the muscles of NAFLD mice. 
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Figure 16. Oxidative stress biomarkers, arginase 1, and inflammatory cytokine gene 
expression were elevated in uninjured GAS muscles of mice with NAFLD. The relative 
mRNA expression levels of (A) NOX2, (B) GPX2, (C) arginase 1, and (D) TNFα. Target 
mRNA expressions were normalized to that of mouse L19 mRNA level (n = 4). All values 
are expressed as means ± SEs. *P < 0.05 and **P < 0.01 as determined by the 
Student t test. GAS, gastrocnemius; GPx2, glutathione peroxidase 2; NOX2, NADPH 
oxidase-2; TNF-α, tumor necrosis factor α 
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Previous studies have demonstrated that chronic oxidative stress, especially that generated 

by NOX2, upregulates arginase 1 expression, which in turn leads to increased ROS 

production (Pandya et al., 2019). Thus, the gene and protein expression of arginase 1 from 

GAS muscle of uninjured NAFLD mice and there corresponding CONT group was 

quantified. As expected, a significant increase in arginase 1 gene and protein expression was 

observed in NAFLD GAS muscle (P < 0.05) compared with that of the CONT mice (Figure 

16C, Figure 17A, C). Next, because arginase 1 is known to induce not only ROS production 

but also the inflammatory cytokine cascade (Shosha et al., 2020) that directly impairs SC 

function and muscle regeneration (Chen et al., 2007), the mRNA expression of TNFα in the 

GAS muscle of NAFLD and CONT mice was evaluated. The result showed that the TNFα 

transcript level was increased in the GAS muscle of NAFLD mice when compared with that 

of the CONT muscle (P < 0.01) (Figure 16D). These data were consistent with depletion of 

the SC pool and decreased expression of the myogenic marker MyoD. 
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Figure 17. Representative western blot of oxidative stress marker (a) Representative image 
of western blots of protein extracted from C and NAFLD GAS muscle samples. Densitometry 
quantification of (b) NOX2 and (c) Arginase 1. Values are normalized to the expression 
levels of the housekeeping gene GAPDH. Results are means ± SD (n = 4-5, p < 0.05, #p < 
0.01); data were analyzed using an unpaired t-test. 

3.4. Discussion 

Nonalcoholic fatty liver disease is a well-recognized liver disease that has recently gained 

considerable interest as a risk factor for other chronic diseases. Recent clinical studies have 

suggested that NAFLD is associated with loss of skeletal muscle mass, also known 

as sarcopenia (Kim et al., 2018; Pan et al., 2018). In animal experiments, a high-fat diet or 

westernized diet is widely used to induce NAFLD (Recena Aydos et al., 2019; Tetri et al., 

2008), and several studies have been conducted to clarify the causal relationship between 

NAFLD and sarcopenia and its underlying mechanism (Merli and Dasarathy, 2015). 

However, because these diets also induce insulin resistance in the skeletal muscles (Pataky 

et al., 2017), the possibility that the increased insulin resistance triggered by these diets is 

directly responsible for the loss of skeletal muscle mass observed in mice with NAFLD 

cannot be ruled out. A nutritional model with a diet deficient in choline is also used in 

NAFLD research and characterized by an increase in triacylglycerol, steatosis, inflammation, 

and oxidative stress in the liver (Raubenheimer et al., 2006; Corbin and Zeisel, 2012). Here, 

the CDD model was applied to study the relationship between NAFLD and skeletal muscle 

functions. Notably this study showed for the first time that SC content and function are 

severely impaired in NAFLD mice and that these eventually delay muscle regeneration after 

injury. Furthermore, this study demonstrated that along with SC dysfunction, there was an 

increase in the expression level of the oxidative stress biomarker arginase 1 and 

inflammatory cytokines in the muscle of NAFLD mice. Further studies on the direct 

relationship between these deleterious agents (oxidative stress, hyperactive arginase pathway, 

and inflammation) and SC dysfunction in NAFLD mice may be of considerable value. This 

study's data strongly suggest that the NAFLD environment negatively affects skeletal muscle 

functions, as indicated by reduced myofiber size compared to that in the CONT group. 
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Importantly, this phenomenon was observed in the early stages of NAFLD, suggesting 

that muscle atrophy begins at the early stages of the disease, continues as the disease 

progresses, and eventually results in the loss of muscle mass. 

Alteration in SC content and activity has been linked to a progressive decline in muscle fiber 

size that eventually leads to a decrease in muscle mass (Alway et al., 2014). This study 

showed that NAFLD mice exhibited a significant decline in SC population, as defined by a 

decrease in Pax7+ cells in single myofibers isolated from EDL muscle in a quiescent state 

and TA muscle sections. 

However, the use of CDD raises the question as to whether the choline deficiency or the 

NAFLD environment causes depletion of the SC pool. To assess whether choline deficiency 

or the NAFLD environment was responsible for SC decline, isolated single fibers from 

NAFLD mice and CON mice were cultured in the presence of choline for 24 h and 48 h, 

respectively. The results indicated that the SC content (defined by the number of Pax7+ cells) 

was not restored by the exogenously added choline after 24 h of culture. This observation 

suggested that the NAFLD environment, and not choline deficiency, directly affected SC 

content. In addition, the study's findings suggested that NAFLD impaired SC function. First, 

SCs from the muscles of NAFLD mice exhibited a reduced capacity to be activated (as 

defined by the number of Pax7+ cells after 24-h culture) when compared with those of the 

CONT mice. Second, the commitment of SCs from NAFLD mice toward myogenic 

differentiation (as defined by the number of Pax7- /MyoD+ cells after 48 h of culture) was 

impaired when compared with that from the CONT mice. However, proliferation (defined by 

the number of Pax7+/MyoD+ cells after a 48 h of culture) and self-renewal capacities (defined 

by the number of Pax7+/MyoD− cells after 48 h of culture) of the SCs from NAFLD mice 

remained indistinguishable from those of the CONT mice. These findings clearly suggested 

that the NAFLD environment caused a decline in SC population and function (especially SC 

activation and differentiation). 

SCs have been shown to be a major factor for maintaining skeletal muscle and repair (Hawke 

and Garry, 2001); thus, deficits in the content and function of this group of cells often result 

in negative consequences in the muscle regeneration process (Lepper et al., 2011; von 
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Maltzahn et al., 2013). The current study showed that the TA muscles of NAFLD mice 

exhibited defective muscle regeneration as defined by muscle morphology, fiber size, and 

distribution at 5 d postinjury. This delay in muscle regeneration may be attributed in part to 

alteration in SC content and activity, which was observed in this study. Thus, preservation of 

SC content and functions in individuals with NAFLD may be a potential strategy to prevent 

the loss of skeletal muscle mass that characterizes NAFLD. 

Additionally, this study systematically elucidated the molecular mechanism responsible for 

the delay in muscle regeneration observed in NAFLD muscle and found that the expression 

levels of inflammatory cytokines, TNF-α and arginase 1, and oxidative stress markers 

including NOX2 and GPx2 were markedly increased in the GAS muscles of NAFLD mice. 

These deleterious agents have been shown to induce SC dysfunction 

and apoptosis (Perandini et al., 2018; Kozakowska et al., 2015; Choi et al., 2016; Langen et 

al., 2004) that consequently contribute to loss of skeletal muscle mass. Strikingly, several 

studies have indicated that an increase in the level of inflammatory cytokines (e.g., TNF-α 

and IL-1 β) contributes to the development of muscle atrophy by directly or indirectly 

impairing SC differentiation (Perandini et al., 2018; Langen et al., 2004). A well-studied 

indirect mechanism through which chronic inflammation causes progressive loss of muscle 

mass is by inducing the production of ROS, thereby triggering apoptosis of muscle cells 

(Kozakowska et al., 2015; Choi et al., 2016; Chhetri et al., 2018; Dalle et al., 2018; Powers 

et al., 2005). Production of ROS by inflammatory cytokines is mediated through 

mitochondria and NOX enzyme activation (Yang et al., 2007; Langen et al., 2002; Kim et al., 

2007). Increased NOx2 expression not only elevates ROS production, but also increases 

arginase 1 expression (Rojas et al., 2017). Increased expression of arginase 1 in turn 

stimulates the production of more ROS, thereby worsening muscle degeneration (Rojas et al., 

2017; De Palma et al., 2014). The increase in the expression of inflammatory cytokines in 

the GAS muscle of NAFLD observed in this study is interesting because chronic 

inflammation has been frequently reported to mediate NAFLD and extra hepatic 

complications (VanWagner and Rinella, 2016; Bullón-Vela et al., 2020). Thus, based on 

these previous findings, the increase in serum TNF-α level and hepatic expression level of 



52 
 

inflammatory cytokines (TNF-α and IL-1 β) found in this study was proposed to be directly 

responsible for the elevation of inflammatory cytokine TNF-α in the GAS muscle of NAFLD 

mice, which may explain the decrease in SC differentiation, as evidenced by the reduction in 

the myogenesis marker MyoD. Furthermore, the increase in the inflammatory cytokine was 

also hypothesized to trigger ROS production and subsequently increase arginase 1 expression, 

which in turn stimulates the production of more ROS and eventually causes the death of more 

SCs. Thus, it is interesting to speculate that the decline in the SC pool observed in this study 

may be owed to ROS-induced apoptotic insult. However, future studies are needed to validate 

this by directly measuring the level of ROS in the muscle of mice with NAFLD. In addition, 

it is crucial to elucidate whether the generated ROS triggers apoptosis or autophagy of SCs 

in NAFLD muscle. Finally, the role of arginase 1 in the progression of 

NAFLD myopathy needs to be established using an arginase 1 inhibitor. 
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Abstract 

Muscle wasting is a common complication in patients with nonalcoholic fatty liver disease 

(NAFLD). In this study, we investigated the effect of NAFLD on satellite cell (SC) content 

and skeletal muscle repair. Male CD-1 mice fed a choline-deficient diet for 4 wk were used 

as an NAFLD model. Histologic and mRNA expression analyses, immunochemical staining 

with single muscle fibers was performed to assess the effect of NAFLD on muscle Pax7+ 

SCs, and muscle regeneration by intramuscular injection of cardiotoxin. The result showed 

that the total number of Pax7+ SCs in the extensor digitorum longus and tibialis anterior 

muscles of mice with NAFLD was significantly decreased when compared with that in the 

control group, in which the depletion of the SC pool possibly impaired muscle regeneration, 

as evidenced by the smaller size of the regenerating myofibers. Importantly, NAFLD was 

found to significantly impaired the differentiation ability of SCs, as shown by a decreased 

number of SCs expressing a myogenic marker, MyoD. Finally, this study indicated that 

molecular mechanisms underlying a decline in SC numbers may be attributed to the 

upregulation of proinflammatory cytokines (tumor necrosis factor α [TNFα]) and an 

oxidative stress marker (NADPH oxidase-2 [NOX2\) in mice with NAFLD. The findings 

demonstrate that a decrease in SC content in the skeletal muscle is an important factor that 

contributes to muscle wasting in NAFLD. Thus, preservation of the muscle SC pool is a 

potential therapeutic strategy to reduce NAFLD-associated muscle wasting. 
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  Chapter 4 

Experiment 2 

Comparative study on molecular mechanism of diabetic myopathy in two different 

types of streptozotocin-induced diabetic models 

4.1 Introduction 

Skeletal muscle is the largest organ in the body and is a major determinant of the whole-body 

energy balance and basal metabolic rate (Frontera and Ochala, 2015; Pedersen and Febbraio, 

2008). Muscle, due to its high regenerative potential, has a remarkable capacity for growth 

and repair after injury. A critical component responsible for these processes is the presence 

of satellite cells (SCs), which are primary muscle stem cells (Relaix and Zammit, 2012). 

Skeletal muscle is a highly resilient tissue that can adapt to numerous stimuli. However, 

numerous studies have shown that this process can be compromised in chronic disease states 

such as diabetes. 

Muscle dysfunction is a major complication associated with diabetes (Wang et al., 2020; 

Vignaud et al., 2007) and can result not only in physical disability but also in metabolic 

disorders such as abnormal accumulation of fat and alteration in glucose metabolism (Meex 

et al., 2019). Unfortunately, because the number of patients with diabetes mellitus has 

increased in the recent years (Lin et al., 2020), it is critical to understand the molecular 

mechanisms underlying diabetic myopathy, which is a serious diabetic complication that is 

often overlooked. However, a major concern in devising innovative therapeutic strategies is 

obtaining a relevant animal model that can mirror this pathophysiology observed in the 

patients. 

Currently, the streptozotocin (STZ) model is widely used to characterize diabetic myopathy 

in vivo as well as to examine the effect of food factors on the regulation of skeletal muscle 

mass (Kivelä et al., 2006; Arcaro et al., 2021; Copray et al., 2000; Fujimak et al., 2016; Jeong 

et al., 2013). However, recent studies have shown that at high doses, owing to its non-specific 

cytotoxicity, STZ can cause direct acute kidney damage in animals (Mohammed-Ali et al., 

2017; Breyer et al., 2005). Due to this nonspecific cytotoxicity of STZ at high dose, it would 
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be difficult to ascertain whether the changes seen in STZ-induced diabetic mice skeletal 

muscle are due to a direct toxic action of STZ or are caused by 

hyperglycemia/hypoinsulinemia. In addition, in human patients, diabetic myopathy is often 

associated with insulin resistance; this is not commonly seen in high-STZ-induced diabetic 

model (Chao et al., 2018). 

A high-fat diet and low-dose STZ (HFD/STZ) model was established to reduce the 

nonspecific cytotoxic effect of STZ; at the same time, insulin resistance was found to be more 

marked in this model. This model involves the administration of high-fat chow for 4 weeks 

followed by injection with a low dose of STZ (40–60 mg/kg) for 5 consecutive days (Chao 

et al., 2018; Zhang et al., 2008). To address the concerns raised regarding the use of high-

dose STZ for studies on diabetic myopathy, this study aimed to compared these two STZ 

models (high-dose STZ model and HFD/STZ model) with the goal of obtaining the best 

suitable animal model that mirrors the pathology of human diabetic myopathy. The 

alterations in diabetic skeletal muscles in these two STZ models was evaluated using 

histological and gene expression analyses. The results indicate that despite the similarity in 

some of the parameters tested, significant differences can be observed between different 

diabetic models, and these unique characteristics found in each model mirror specific 

conditions as seen in patients. This suggests that either of the models can be selectively used 

in different contexts according to the purpose of studies on diabetic myopathy. 

4.2. Materials and methods 

4.2.1. Animals 

Animal studies were performed in accordance with the protocols approved by the Hiroshima 

University Animal Care and Use Committee (Permit Number: C18-15-5). Male C57BL/6J 

mice (Charles River Japan, Hino, Japan) at postnatal week 7 were used in this study. Two 

types of diabetes models were used to study diabetic myopathy. For the first model, mice fed 

a standard laboratory chow diet (MF, Oriental Yeast, Tokyo, Japan) and given a single 

intraperitoneal high-dose STZ (Sigma-Aldrich, Louis, MO) (180 mg/kg dissolved in 0.1 M 
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citrate buffer, pH 4.5) (high-STZ group) was utilized as the test group. Similarly, the control 

group (CON group), was fed a standard laboratory chow diet, however, only 0.1 M citrate 

buffer, pH 4.5 was given to mice in this group. The mice in this first model were analyzed 

4 weeks after STZ treatment. Meanwhile, for the second model, a control group fed a 

standard laboratory chow diet (CON group), and a test group fed a high-fat diet (HFD) 

(Oriental Yeast Co., Tokyo, Japan; 45% fat, 20.5% protein, and 34.8% carbohydrate) 

together with low-dose STZ (55 mg/kg for 5 consecutive days) (HFD/STZ group) were 

utilized. As a CON group, mice received vehicle injections (0.1 M citrate buffer, pH 4.5) for 

5 consecutive days. Notably, the HFD/STZ group mice were initially placed on HFD for 

4 weeks and in week four, they were injected with low-dose STZ; they were subsequently 

maintained on HFD for an additional 12 weeks after the STZ treatment. In both models, only 

those animals with fasting blood glucose levels ≥300 mg/ dl were considered diabetic. All 

mice were given free access to drinking water, and they were housed in metal cages in a room 

with controlled temperature (24 ± 1 °C), 50 ± 20% humidity, and a 12:12-h light-dark cycle. 

4.2.2. Tissue preparation 

The right and left tibialis anterior (TA), extensor digitorum longus 

(EDL), gastrocnemius (Gas), soleus (Sol), and quadriceps (Quad) muscles from all groups 

were isolated, weighed, and snap-frozen in liquid nitrogen, except for the TA muscle, which 

was covered with optimum cutting temperature embedding compound (OCT) and 

immediately frozen in liquid nitrogen-cooled isopentane. All tissues were stored at -80 °C 

until analysis. 

4.2.3. Histological analysis 

To determine the myofiber size, hematoxylin and eosin (H&E) staining was performed as 

established previously [17] on TA muscle cryosections (8 μm thick). Approximately 120 

fibers were analyzed per muscle section. 

4.2.4. Immunohistochemistry 
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Frozen sections of the TA muscle (6 μm thick) were fixed in 4% paraformaldehyde for 

20 min at room temperature (RT, approximately 25 ± 5 °C). Then, sections were incubated 

with a solution consist of 2% BSA, 0.1% sodium azide, 5% fetal bovine serum, 5% normal 

goat serum, and 0.2% Triton-x100 for 1 h at RT, followed by an incubation with mouse IgG-

blocking solution from the M.O.M kit (Vector laboratories Inc., USA) for 1 h at RT. The 

sections were then incubated with primary antibodies (mouse anti-Pax7 (1:100; DSHB) and 

rabbit anti-laminin (1:500; Abcam ab11575) overnight at 4 °C, followed by incubation with 

secondary antibodies (goat anti-mouse IgG1 Alexa-594 (1:1000; Invitrogen A-21125) 

and Fluorescein (FITC)-AffiniPure goat anti-rabbit IgG (1:500; Jackson Immuno Research 

111-095-003) at RT for 1 h. Sections were subsequently counterstained with 

1 μg/ml DAPI for 10 min at RT. 

4.2.5. Microscopy and image analysis 

All images were captured by Olympus BX53 microscope (Olympus, Tokyo, Japan) and 

analyzed by Nikon Elements imaging software (Nikon, Tokyo, Japan) was used to analyze 

them. The analysis included quantification of SC numbers (Pax7+/DAPI+) on immuno-

stained TA muscle sections and average myofiber size in H&E-stained TA muscle sections. 

4.2.6. DNA microarray assay 

Total RNA from Gas muscles was isolated using the RNeasy Lipid Tissue Kit (Qiagen 

Sciences, Germantown, MD, USA) according to the manufacturer's protocol. Pooled RNAs 

were subjected to cRNA synthesis for DNA microarray analysis with 44 K whole mouse 

genome 60-mer oligo microarray (Agilent Technologies, Palo Alto, CA) according to our 

previous report (Krause et al., 2011). All fluorescence labeling, hybridization, and image 

processing procedures were performed according to the manufacturer's instructions. Each 

comparison was hybridized to two arrays employing a DyeSwap method in order to eliminate 

the bias between dyes because of the difference in the efficiency of hybridization between 

cyanine 3-CTP and cyanine 5-CTP. Files and images were exported from the Agilent Feature 

Extraction Program (version 9.5). The expression values were normalized and subsequently 
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scaled. To determine the cutoff of significant differences for differentially expressed genes 

the P values were corrected for a false discovery rate of <0.05. 

4.2.7. Gene functional classification 

For efficient interpretation of the differently expressed gene lists the Database for Annotation, 

Visualization, and Integrated Discovery (DAVID) (version 6.8) (Huang et al., 2009) was 

used to organize functionally related genes into biologically meaningful modules. As a 

precautionary measure duplication of the official gene symbols input into the analysis was 

avoided. Functional clusters with enrichment (EASE) score ≥ 1.3 were selected to be 

functionally significant. 

4.2.8. Quantitative PCR 

Total RNA was isolated from Gas muscles of each group using the RNeasy Lipid Tissue Kit 

(Qiagen Sciences, Germantown, MD, USA). ReverTra Ace (TOYOBO, Osaka, Japan) and 

random hexamers (TaKaRa Bio, Kyoto, Japan) were used to synthesize cDNA according to 

the manufacturer's instructions. Quantitative PCR was performed on an Applied Biosystems 

StepOnePlus™ system using THUNDERBIRD™ Next SYBR qPCR Mix (TOYOBO) with 

the conditions as described previously (Mitsumoto et al., 2017). The threshold cycle (CT) 

values were normalized to the L19 internal reference. The primers used were obtained from 

Eurofin Genomics (Tokyo, Japan) (Table 4). 
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Table 4. Primer sequences for qPCR. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

4.2.9. ATP level estimation 

Adenosine triphosphate (ATP) levels was evaluated in Quad muscle tissues using luciferin-

luciferase assay kit (Fujifilm Wako Pure. Chemical, Tokyo, Japan). Briefly, 20 mg of Quads 

Target gene Sequence 
(5'-3') 

 

L19 Forward 
Reverse 

GGCATAGGGAAGAGGAAGG 
GGATGTGCTCCATGAGGATGC 

Ddit4/Redd1 Forward 
Reverse 

GTGCTGCGTCTGGACTCTC 
CCGGTACTTAGCGTCAGGG 

Perm1 Forward 
Reverse 

GCTTGGAAAACAGTCTTGCTC 
GATCTCGGTCTGCCACTATG 

Idh2 Forward 
Reverse 

ATCAAGGAGAAGCTCATCCTGC 
TCTGTGGCCTTGTACTGGTCG 

Pdp1 Forward 
Reverse 

ATGCCAGCACCAACTCAACT 
GGGTGTGTACCTCAGACGATT 

C/EBPδ 
 

Forward 
Reverse 

GAACCCGCGGCCTTCTA 
TGTTGAAGAGGTCGGCGA 

Ccl7 Forward 
Reverse 

CAATGCATCCACATGCTGC 
TGGAGTTGGGGTTTTCATGTC 

Col1a1 
 

Forward 
Reverse 

CCCAAGGAAAAGAAGCACGTC 
ACATTAGGCGCAGGAAGGTCA 

Col3a1 
 

Forward 
Reverse 

TGGTCCTCAGGGTGTAAAGG 
GTCCAGCATCACCTTTTGGT 

Irf7 Forward 
Reverse 

GAAGTGAGCCTCAGCAATGC 
GGTTCCTCGTAAACACGGTC 

Fbxo32(Atrogin1) 
 

Forward 
Reverse 

CAGCTTCGTGAGCGACCTC 
GGCAGTCGAGAAGTCCAGTC 

ATF3 Forward 
Reverse 

AAGAGCTGAGATTCGCCATC 
TCTTCAGCTCCTCAATCTGG 

Klf15 Forward 
Reverse 

CTCAAAGTTTGTGCGAATTG 
GTGCCTTGACAACTCATCTG 

Ifi44 
 

Forward 
Reverse 

AACTGACTGCTCGCAATAATGT 
GTAACACAGCAATGCCTCTTGT 

PPARα 
 

Forward 
Reverse 

CGACCTGAAAGATTCGGAAA 
GGCCTTGACCTTGTTCATGT 

Trim63(MuRF1) Forward 
Reverse 

GTTTGACACCCTCTACGCCA 
TGAGAGGAAGGTAGCCCCTC 
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tissues were weighed, lysed, and then centrifuged at 12,000 ×g at 4 °C for 5 min. 

Supernatants (20 μl) were added to 100 μl of detection working solution in a white 96-well 

plate. The ATP standard curve was used to calculate ATP concentration in each muscle 

sample. 

4.2.10. Corticosterone levels measurement 

Approximately 1 ml of blood was collected from each mouse at the end of each model 

experiment, and plasma corticosterone concentration (ng/ml) was subsequently measured 

using an enzyme immunoassay assay kit (Cayman Chemical Co., Ann Arbor, MI, USA) 

according to the manufacturer's instructions. 

4.2.11. Western blot analyses 

Equal amounts of protein derived from quadriceps (Quad) muscle was resolved by SDS-

PAGE, transferred onto a polyvinylidene difluoride (PVDF) membranes (Bio-Rad, 

Missisauga, Ontario), nonspecific binding sites were blocked by incubation in 3% BSA or 

5% skim milk, depending on the antibody at room temperature (RT) for 1 hr. Subsequently, 

the membranes were incubated with the following primary antibodies: anti-Fbx-32 

(ab168372, Abcam, Cambridge, UK), anti-MuRF-1 (sc-398608, Santa Cruz Biotechnology, 

Santa Cruz, CA), anti-α-tubulin (FUJIFILM Wako Pure Chemical Corporation, Osaka Japan) 

anti-TFAM (2148), anti-P70S6K (9202S), and anti-p-P70S6K (9206S) were provided by 

Cell Signaling Technology (Boston, MA, USA) overnight at 4°C, followed by incubation 

with an appropriate secondary antibody for 1 hr at RT. Proteins were then visualized with an 

ECL western blot detection system  

4.2.12. Statistical analysis 

All data are expressed as the mean ± S.E. The differences in level of significance between 

the compared groups were determined using the Student's t-test. P < 0.05 was considered as 

statistically significant (denoted appropriately in all figures). 
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4.3. Results 

4.3.1. Body weights and fasting blood glucose levels in STZ models 

In both STZ models, body weights were significantly reduced compared with control mice; 

however, weight loss in the high-STZ model between the induction of diabetes at week 0 and 

week 4 was significantly higher than that in the HFD/STZ model which was analyzed at the 

end of 12 weeks after diabetic induction (Figure 18A-D). In addition, as shown in Figure 18E 

and F, the fasting blood glucose levels in both STZ models gradually increased throughout 

the experimental period; however, the fasting blood glucose level was significantly higher in 

the high-STZ model (928.5 mg/dl at the end of week 4 after diabetic induction) than that in 

the HFD/STZ model (528.5 mg/dl at the end of week 12 after diabetic induction). This 

suggested that in the high-STZ model, rapid loss of insulin secretion (and therefore more 

severe hyperglycemia) was induced when compared with the HFD/STZ model. These 

observations are consistent with those reported in the previous studies indicating that STZ 

exerts a toxic effect on pancreatic beta cells in a dose-dependent manner (Lu et al., 1998; 

Saini et al., 1996). 
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Figure 18. Pathological assessment of diabetes in High-STZ and HFD/STZ models. (A-B) 
Body weights of high-STZ mice decrease significantly when compared with the matched 
control (CON) mice. (C-D) Body weights of HFD/STZ mice decrease significantly when 
compared with the matched control (CON) mice. (E-F) Fasting blood glucose levels increase 
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in both experimental models. All values are expressed as means ± S.E. *p < 0.05, **p < 0.01, 
***p < 0.001 as determined by Student's t-test (high-STZ n = 5 and its matched CON n = 5; 
HFD/STZ n = 6 and its matched CON n = 5). 

4.3.2. Muscle mass differed between high-STZ and HFD/STZ models 

As previously reported, the high-STZ model results in a loss of skeletal 

muscle mass (Fujimak et al., 2016; Jeong et al., 2013). The analysis of the high-STZ model 

showed that the muscle masses of tibialis anterior (TA), extensor digitorum longus 

(EDL), gastrocnemius (Gas), soleus (Sol), and quadriceps (Quad) were significantly 

decreased when compared with the control (Figure 19A). In contrast, the HFD/STZ model 

exhibited a substantial change only in the Gas muscle mass when compared with the control 

(Figure 19B). 

 

 
Figure 19. Relative muscle weights in High-STZ and HFD/STZ models. (A) Muscle 
weights in high-STZ model and (B) muscle weight in HFD/STZ model. All values are 
expressed as means ± S.E. *p < 0.05, **p < 0.01, ***p < 0.001 as determined by 
Student's t-test (high-STZ n = 5 and its matched CON n = 5; HFD/STZ n = 6 and its 
matched CON n = 5). 

4.3.3. Myofiber size was smaller in high-STZ mice than in HFD/STZ mice 

H&E staining of TA middle cross sections from the mice in both STZ models are shown 

in Figure 20A and B. The average muscle fiber size declined by 52% and 18% in the high-

STZ and HFD/STZ models, respectively, when compared with their matched control group 

(Figure 20C and D). Furthermore, the changes in muscle fiber size were analyzed using the 
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myofiber size distribution in each model. As shown in Figure 20E and F, a significantly 

greater number of smaller myofibers was observed in the high-STZ model than in the 

HFD/STZ model when compared with their matched control mice. Taken together, these 

observations suggest that the high-STZ model mice show more severe 

diabetic myopathy than the HFD/STZ model mice. 

 

Figure 20. High dose STZ model muscles display more severe muscle fiber 
atrophy compared with the low dose STZ/HFD model. (A-B) Representative image of H&E 
stained cryosections of TA muscles obtained from the high-STZ model and the HFD/STZ 
model. Scale bars represent 200 μm. (C-D) Quantification of average myofiber cross-
sectional area of TA muscles from both STZ models and their matched CON. (C) Muscle 
fiber diameter distribution in both STZ models. An average of 120 fibers was randomly 
counted per a muscle section. All values are expressed as means ± 
S.E. a/*p < 0.05, b/**p < 0.01, c/***p < 0.001 as determined by Student's t-test (high-
STZ n = 5 and its matched CON n = 5; HFD/STZ n = 6 and its matched CON n = 5). Control 
mice (CON), tibialis anterior (TA), and hematoxylin and eosin (H&E). 
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4.3.4. Loss of satellite cells was more pronounced in the high-STZ model than in the 

HFD/STZ model 

Because alteration in SC content can have a negative impact on the muscle physiology (Wang 

and Rudnicki, 2012), SC numbers were quantified in sections of TA muscles obtained from 

both models and their corresponding controls by scoring Pax7+ immunoreactive SCs. The 

analysis of the result showed a dramatic decrease in the SC content in both the models. 

However, the decrease in the number of SCs was more severe in the high-STZ model 

(approximately 69% loss) than that in the HFD/STZ model (approximately 32% loss) (Figure 

21A-D). 
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Figure 21. Satellite cell (SC) content is more reduced in the High-STZ model. (A) 
Representative image of SC showing laminin (green), Pax7 (red), and myonuclei (blue) in 
the high-STZ and its matched CON muscles. (B) Number of Pax7+ SC/1 mm2 CSA in 
the TA muscle of the high-STZ mice. (C) Representative image of SC showing laminin 
(green), Pax7 (red) and myonuclei (blue) in the HFD/STZ and its matched CON muscles. 
(D) Number of Pax7+ SC/1 mm2 CSA in the TA muscle of the HFD/STZ mice. Scale bars 
represent 200 μm. Statistical analysis was performed using Student's t-test (**p < 0.01); 
high-STZ and its matched CON (n = 5, n = 5, respectively), HFD/STZ and its matched (n = 6, 
n = 5, respectively). Control mice (CON), tibialis anterior (TA), cross sectional area (CSA). 
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4.3.5. Molecular signatures related to muscle atrophy in both the models 

To understand the cascade of events that triggers muscle atrophy in each model, the gene 

expression profiles was characterized in order to identify differentially expressed genes in 

the Gas muscle from the high-STZ and HFD/STZ models using DNA microarray analyses. 

The microarray analysis showed that 504 genes were differentially expressed between the 

two STZ models, with 25 genes upregulated and 19 genes downregulated in both the models 

(Figure 22). 

 

 
 

Figure 22. Venn diagram shows the number of genes that are upregulated and down-
regulated in the skeletal muscle of High-STZ and HFD/STZ model. (A) Number of 
upregulated genes (B) Number of Down-regulated genes. *p < 0.05. The data are 
representative of two independent experiments (i.e., high-STZ model and HFD/STZ model). 
 

These genes were classified into the following seven categories: inflammation/immune 

response, extracellular matrix and cell adhesion, proteolysis and response to glucocorticoids, 

muscle structure and regeneration, metabolism, cell signaling/cell communication, cell cycle, 

and apoptotic markers (Table 5, Table 6) using Database for Annotation, Visualization, and 

Integrated Discovery (DAVID) (version 6.8) (Huang et al., 2009). 
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Table 5:  Selected genes differentially expressed in High-STZ skeletal muscle but not in 
HFD/Low STZ skeletal muscle. 

Gene ID 
 

Gene symbol 
 

Gene description 
 

Fold 
 

P value 
 

Inflammation and immune response   
NM_013654 Ccl7 chemokine (C-C motif) ligand 7 0.18 0.009 
NM_011333 Ccl2 chemokine (C-C motif) ligand 2 0.15 0.000 
NM_019577 Ccl24 chemokine (C-C motif) ligand 24 0.46 0.000 
NM_009895 Cish cytokine inducible SH2-containing protein 0.13 0.000 
NM_021274 CXCL10 chemokine (C-X-C motif) ligand 10 0.40 0.000 
NM_010696 LCP2 lymphocyte cytosolic protein 2 0.38 0.001 
NM_153098 Cd109 CD109 antigen 0.14 0.000 
NM_207105 H2-Ab1 histocompatibility 2, class II antigen A, beta 

1 
0.54 0.000 

NM_009382 Thy1 thymus cell antigen 1 0.36 0.000 
NM_008677 Ncf4 neutrophil cytosolic factor 4 0.48 0.000 
NM_010745 Ly86 lymphocyte antigen 86 0.55 0.000 
NM_027366 Ly6g6e lymphocyte antigen 6 complex, locus G6E 0.09 0.000 
NM_011210 Ptprc protein tyrosine phosphatase, receptor type, 

C 
0.45 0.000 

NM_178611 Lair1 leukocyte-associated Ig-like receptor 1 0.39 0.000 
NM_033478 Ly6g6d lymphocyte antigen 6 complex, locus G6D 0.39 0.004 
NM_027077 1700016C15Rik RIKEN cDNA 1700016C15 gene 0.45 0.004 
 
Extracellular matrix and cell adhesion 
 
NM_007742 Col1a1 collagen, type I, alpha1 0.26 0.000 
NM_031163 Col2a1 collagen, type II, alpha 1  0.27 0.000 
NM_009930 Col3a1 collagen, type III, alpha 1 0.34 0.000 
NM_007743 Col1a2 collagen, type I, alpha 2  0.41 0.000 
NM_007737 Col5a2 collagen, type V, alpha 2 0.37 0.000 
NM_009928 Col15a1 collagen, type XV, alpha 1  0.47 0.000 
NM_001243008 Col6a3 collagen, type VI, alpha 3  0.47 0.000 
NM_033525 Npnt Nephronectin   0.23 0.001 
NM_007993 Fbn1 fibrillin 1 0.27 0.000 
NM_009931 Col4a1 collagen, type IV, alpha 1 0.49 0.000 
NM_010233 Fn1 fibronectin 1 0.54 0.000 
 
Extracellular matrix degradation and response to glucocorticoid hormone 
 
NM_013906 Adamts8 a disintigrin-like and metallopep- 

tidase (reprolysin type) with thrombospondin 
type 1 motif, 8 

0.33 0.000 

NM_001044384 Timp1 tissue inhibitor of mettallopro- 
teinase 1 

0.46 0.000 

NM_009825 Serpinh1 serine (or cysteine) peptidase inhibitor, clade 
H, member 1 

0.49 0.000 

NM_001024139 Adamts15 a disintegrin-like and metallopep- 
tidase (reprolysin type)  
with thrombospondin type 1 motif, 15 

0.59 0.000 

NM_023184 Klf15  Kruppel-like factor 15 2.13 0.000 
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Muscle structure and regeneration 
 
NM_013602 Mt1 metallothionein 1 2.77 0.000 
NM_025540 Sln sarcolipin 2.44 0.000 
NM_001314010 Igf1 insulin-like growth factor 1 0.43 0.006 
NM_011056 Pde4d Phosphodiesterase 4D, cAMP specific 2.48 0.000 
 
Metabolism 
 
NM_010292 Gck glucokinase 0.47 0.000 
NM_009022 
 

Aldh1a2 
 

aldehyde dehydrogenase family 1, subfamily 
A2 

0.57 0.000 

NM_009997 
 

Cyp2a4 
 

cytochrome P450, family 2, subfamily a, 
polypeptide 4 

0.33 0.000 

NM_144903 Aldob adolase B, fructose-bisphosphate  0.34 0.000 
NM_133232 
 

Pfkfb3 
 

6 –phosphofructo-2-kinase/fruc- 
tose-2,6-biphosphatase 3 

2.06 0.000 

ENSMUST00000 
 

Mrpl15  
 

mitochondrial ribosomal protein L15 2.24 0.000 

NM_008890 
 

Pnmt 
 

Phenylethanolamine-N-methyltransferase 2.50 0.000 

NM_001077495 
 

Pik3r1 
 

Phosphoinositide-3-kinase regulatory subunit 
1 

2.64 0.000 

X16314 Glul Glutamine synthetase. 3.35 0.000 
NM_007817 
 

Cyp2f2 
 

Cytochrome P450, family 2, subfamily f, 
polypeptide 2 

2.49 0.000 

 
Cell signaling and cell communications 
 
NM_147217 
 

Gprc5c G protein-coupled receptor, family C, group 
5, member C 

0.48 0.000 

NM_016769 Smad3 SMAD family member 3 0.54 0.000 
NM_015814 
 

Dkk3 
 

dickkopf WNT signaling pathway inhibitor 3 0.36 0.000 

NM_178404 
 

Zc3h6 
 

zinc finger CCCH type containing 6 2.03 0.000 

NM_011817 
 

Gadd45g 
 

growth arrest and DNA-damage-inducible 45 
gamma  

2.65 0.001 

 
Cell cycle and apoptotic markers 
 
NM_007669 Cdkn1a cyclin-dependent kinase inhibitor 1A 2.15 0.000 
NM_178373 
 

Cidec 
 

cell death-inducing DFFA-like effector c   2.05 0.000 

NM_030250768 
 

Pdcd4 programmed cell death 4 3.51 0.000 

NM_010019 
 

Dapk2 
 

death associated protein kinase 2 0.37 0.000 

S78355 Ccnd1 cyclin D1 0.49 0.000 
NM_010118 Egr2 early growth response 2  2.16 0.000 
NM_001161433 Eda2r ectodysplasin A2 receptor 2.53 0.000 
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NM_011817 
 

Gadd45g 
 

growth arrest and DNA-damage-inducible 45 
gamma  

2.65 0.001 

ENSMUST00000 
 

Anapc16 
 

anaphase promoting complex subunit 16 3.19 0.000 

ENSMUST00000 
 

Prickle3 
 

prickle planar cell polarity protein 3 3.70 0.000 

ENSMUST00000 
 

Dele1 
 

DAP3 binding cell death enhancer 1 2.00 0.001 

NM_009741 Bcl2 B cell leukemia/lymphoma 2 0.57 0.000 
Fold represents the average of mRNA expression level in the gastrocnemius (Gas) muscle 
from the high-STZ mice relative to its matched control. The data are representative of two 
independent experiment. 

 

Table 6:  Selected genes differentially expressed in HFD/Low STZ skeletal muscle but not 
in High-STZ skeletal muscle 

Gene ID 
 

Gene 
symbol 
 

Gene description 
 

Fold 
 

P value 
 

Inflammation and immune response 
 

  

NM_021443 Ccl8 chemokine (C-C motif) ligand 8 6.00 0.000 
NM_009139 Ccl6 chemokine (C-C motif) ligand 6 2.08 0.000 
NM_011338 Ccl9 chemokine (C-C motif) ligand 9 2.23 0.000 
NM_011331 Ccl12 chemokine (C-C motif) ligand 12 3.11 0.000 
NM_029803 
 

Ifi2712a 
 

Interferon, alpha-inducible protein 27-like 2a 3.69 0.000 

NM_183871 Ifi44 Interferon-induced protein 44 4.42 0.000 
NM_008331 Ifit1 Interferon-induced protein with tetratricopeptide repeats 

1   
2.56 0.000 

NM_016850 Irf7 Interferon regulatory factor 7 3.01 0.000 
NM_008599 Cxcl9 chemokine (C-X-C motif) ligand 9 1.83 0.000 
NM_145209 Oasl1 2'-5' oligoadenylate synthetase-like 1  5.42 0.000 
NM_145227 Oas2 2'-5' oligoadenylate synthetase 2 4.49 0.000 
NM_145211 Oas1a 2'-5' oligoadenylate synthetase 1A 3.39 0.000 
NM_0111854 Oasl2 2'-5' oligoadenylate synthetase-like 2 3.30 0.000 
NM_145153 Oas1f 2'-5' oligoadenylate synthetase 1F 2.77 0.000 
NM_009780 C4b complement component 4B 3.10 0.000 
NM_008198 Cfb complement factor B 2.27 0.000 
NM_007796 Ctla2a cytotoxic T lymphocyte-associated protein 2 alpha 2.22 0.000 
NM_001077189 Fcgr2b Fc receptor, IgG, low affinity IIb 2.08 0.000 
NM_130904 Cd209d CD209d antigen 2.03 0.000 
 
Extracellular matrix and cell adhesion 
 
ENSMUST000 
00124337.7 

Myh2 
 

myosin, heavy polypeptide 2 
 

0.58 0.000 

NM_176922 Itga11 integrin alpha 11 1.82 0.000 
NM_145467 Itgbl1 integrin, beta-like 1  1.95 0.000 
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Muscle structure and regeneration 
 
NM_011724 Xirp1 xin actin-binding repeat containing 1 2.04 0.000 
 
Metabolism 
 
ENSMUST00 
000063690.3 

Dhrs9 dehydrogenase/reductase (SDR family) member 9 0.14 0.000 

NM_199195 
 

Bckdhb branched chain ketoacid dehydrogenase E1  0.50 0.000 

NM_009737 Bcat2 branched chain aminotransferase 2 0.54 0.000 
NM_173011 Idh2 isocitrate dehydrogenase 2  0.53 0.000 
NM_019880 Mtch1 mitochondrial carrier 1 0.47 0.000 
NM_175438 
 

Aldh4a1  
 

aldehyde dehydrogenase 4 family, member A1 0.47 0.000 

NM_001033453 
 

Pdp1 
 

pyruvate dehyrogenase phosphatase catalytic subunit 1 0.45 0.000 

NM_172961 Abat 4-aminobutyrate aminotransferase  0.34 0.000 
NM_145953 
 

Cth 
 

cystathionase (cystathionine gamma-lyase) 0.38 0.000 

NM_011144 
 

Ppara 
 

peroxisome proliferator activated receptor alpha 0.62 0.000 

NM_025826 Acadsb acyl-Coenzyme A dehydrogenase, short/branched chain 0.59 0.000 
NM_010022 Dbt dihydrolipoamide branched chain transacylase E2 0.59 0.000 
NM_146187 Ffar2 free fatty acid receptor 2 2.37 0.000 
NM_024406 Fabp4 fatty acid binding protein 4, adipocyte 2.08 0.000 
NM_053119 Echs1 enoyl Coenzyme A hydratase, short chain, 1 0.63 0.000 
NM_009656 Aldh2 aldehyde dehydrogenase 2 0.69 0.000 
NM_007498 Atf3 activating transcription factor 3 2.48 0.000 
 
Cell signaling and communication. 
 
NM_201367 Gpr176 G protein-coupled receptor 176 3.95 0.001 
NM_145149 Rasgrp4 RAS guanyl releasing protein 4 3.22 0.001 
NM_001357573 
 

Zranb3 
 

zinc finger, RAN-binding domain containing 3 2.04 0.000 

NM_177102 Tmem91 transmembrane protein 91  0.46 0.001 
NM_175133 Gucd1 guanylyl cyclase domain containing 1 0.44 0.000 
NM_010544 
 

Ihh 
 

Indian hedgehog (Ihh), transcript variant 1 0.30 0.001 

 
Cell cycle and apoptotic markers 
 
NM_030248 Cdk5rap3 CDK5 regulatory subunit associated protein 3 0.47 0.000 
NM_177898 Nek5 NIMA (never in mitosis gene a)-related expressed 

kinase 5  
0.45 0.000 

NM_026282 Spc24 SPC24, NDC80 kinetochore complex component, 
homolog (S. cerevisiae) 

0.33 0.000 

NM_001163476 Gins1 GINS complex subunit 1 (Psf1 homolog)  0.37 0.000 
ENSMUST00 
000131855.1 

Eif2d 
 

eukaryotic translation initiation factor 2D 0.17 0.000 
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NM_010872 
 

Naip2 
 

NLR family, apoptosis inhibitory protein 2 2.56 0.000 

NM_027950 Osgin1 oxidative stress induced growth inhibitor 1  1.68 0.000 
NM_009099 Trim30a tripartite motif-containing 30A  2.18 0.000 
S78355 Ccnd1 cyclin D1  2.02 0.000 
NM_009829 Ccnd2 cyclin D2 1.94 0.000 

Fold represents the average of mRNA expression level in the gastrocnemius (Gas) muscle 
from the HFD-STZ mice relative to its matched control. The data are representative of two 
independent experiment. 

 

Further analysis of the gene expression patterns revealed the following key molecular events 

that distinguish these two models: 

(a) Protein metabolism imbalance 

One major cause of myofiber shrinkage and consequent loss of muscle mass is imbalance in 

the protein metabolism. Interestingly, DNA microarray data revealed that the family of genes 

controlling proteolytic systems was upregulated in both the models. However, these mRNAs 

were increased to a greater level in the high-STZ model than in the HFD/STZ model (Table 

7). Hence, the transcriptomic analysis was carried out using qPCR in other to validate mRNA 

levels in individual mice Gas muscle from both STZ models. The mRNA levels of E3-

ubiquitin-ligases genes Krüppel-like factor 15 (KLF15), F-box only protein 32 

(Fbxo32/Atrogin1), CCAAT/enhancer binding protein δ (C/EBPδ), and Tripartite Motif 

Containing 63 (Trim63/MuRF1), which are reported to modulate muscle atrophy protein 

degradation, were found to be highly upregulated in the high-STZ model. In 

particular, KLF15 and Fbxo32 mRNA levels, which were reportedly upregulated in human 

muscle with type 1 diabetes (O’Neill et al., 2019), were only increased in the high-STZ 

model (Figure 23A-D). In addition, Fbxo32/Atrogin1 and Trim63/MuRF1 protein levels 

from Quad muscle were examined by Western blotting and were found to be significantly 

upregulated in the high-STZ model (Figure 24). On the other hand, the Ddit4/REDD1, which 

was shown to inhibit protein synthesis by impairing mTOR activity (Shimizu et al., 2011; 

Tirado-Hurtado et al., 2018), was also found to be remarkably upregulated (approximately 

5–7 folds) in the high-STZ model than in the HFD/STZ model (Figure 23E). Furthermore, 
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this study showed a decrease in the phosphorylated form of P70 S6Kinase (p-P70S6k) 

(Figure 25), suggesting that mTOR activity was suppressed in the muscle of high-STZ model. 

Interestingly, a drastic downregulation of extracellular matrix genes, especially those 

belonging to the collagen family (Figure 23F and G) was observed only in the high-STZ 

model. 

 

Table 7. Representative genes that are expressed in both models (P≦0.05). 

 

Gene symbol 
 

Gene description 
 

Fold in High STZ 
 

Fold in HFD/Low 
STZ 
 

Muscle structure and regeneration 
 
Irs1 insulin receptor substrate 1 2.02 2.62 
Myoz2 myozenin 2 2.28 2.44 
 
Response to glucocorticoid hormone  
 
Trim63 tripartite motif-containing 63 4.73 2.79 
Cebpd CCAAT/enhancer binding protein (C/EBP), 

delta  
5.78 2.07 

Ddit4 DNA-damage-inducible transcript 4 10.00 2.89 
Fbxo32 F-box protein 32 2.47 1.49 
 
Cell signaling and cell communication 
 
S100a9 S100 calcium binding protein A9 2.65 6.62 
S100a8 S100 calcium binding protein A8 3.00 18.62 
Tmx2 
 

thioredoxin-related transmembrane protein 
2 

0.43 0.36 

Prkg1 
 

protein kinase, cGMP-dependent, type I 0.35 0.43 

Ramp1 
 

receptor (calcitonin) activity modifying 
protein 1 

0.43 0.48 

Grk3 G protein-coupled receptor kinase 3 0.54 0.48 
Frzb frizzled-related protein 0.34 0.21 
 
Extracellular matrix/cell adhesion 
 
Itgb6 integrin beta 6  0.28 0.45 
Thbs4 thrombospondin 4 0.36 0.47 
Actr3b ARP3 actin-related protein 3B 0.38 0.49 
Fndc5 
 

fibronectin type III domain containing 5 0.49 0.59 

Col24a1 collagen, type XXIV, alpha 1 0.49 0.58 
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Actr3b ARP3 actin-related protein 3B 0.38 0.49 
DNA microarray analysis was repeated with Cy3 and Cy5 dyes reversed (a dye swap). Fold 
change in high-STZ represents the average of mRNA expression level in the gastrocnemius 
(Gas) muscle from the high-STZ mice relative to its matched control. Fold change in 
HFD/STZ represents the average of mRNA expression level in the gastrocnemius (Gas) 
muscle from the HFD/STZ mice relative to its matched control. 
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Figure 23. Proteolytic pathways are severely altered in High-STZ model. (A-G) Total 
RNAs in gastrocnemius (Gas) muscle from the high-STZ (n = 5) and HFD/STZ (n = 6) 
models were isolated. The relative mRNA expression level of each gene was determined 
by quantitative PCR and normalized to L19 mRNA level and are presented as means ± 
S.E. *p < 0.05, **p < 0.01, ***p < 0.001. The data are representative of two independent 
experiments. 
 

 
Figure 24. Western blot shows increase expression of protein degradation genes 
(MuRF1/Trim63, Fbxo32/atrogin-1) in high-STZ model n.s. denotes (non-specific band) 
 
 
 

 
Figure 25. Western blot shows that protein synthesis was inhibited significantly in High-STZ 
model as indicated by phosphorylated-P70 S6 kinase (p-P70S6K). n.s. denotes (non-specific 
band) 
 

Several studies have shown that alterations in protein metabolism genes can be directly 

stimulated by glucocorticoids (GCs) (Schakman et al., 2008; Schakman et al., 2013). Hence, 

the blood glucocorticoids level was quantified in each model. The result showed that there 
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was a significant increase in glucocorticoid levels in the high-STZ model but not in the 

HFD/STZ model (Figure 26). These results suggest that glucocorticoids are involved in 

protein metabolism imbalance, which ultimately leads to muscle atrophy in the high-STZ 

diabetic model. 

 

Figure 26. Glucocorticoid level is excessively high ***p < 0.001 in the plasma of high-STZ 
model when compared with its matched control. Meanwhile glucocorticoid level of 
HFD/STZ is not statistically significant. The data (means ± S.E.) are representative of two 
independent experiments. (High-STZ n = 5 and its matched CON n = 5; HFD/STZ n = 6 and 
its matched CON n = 5). 

(b)  Chronic inflammation and immune response 

Because DNA microarray data indicated a large difference in inflammation and immune 

response between both STZ models Table 5, Table 6, the mRNA levels of some 

inflammatory genes in both STZ models was examined using qPCR. In the high-STZ model, 

inflammation and immune response genes were suppressed, as shown in Tables 5, suggesting 

that the decline in the expression of inflammation and immune response genes in the high-

STZ model could be functionally linked to elevated GC levels, which has been well studied 

as an endogenous anti-inflammatory molecule (De Bosscher et al., 2009). Interestingly, 

qPCR data showed that interferon regulatory factor 7 (Irf7) mRNA was significantly 

increased specifically in the HFD/STZ model (Figure 27A). Irf7 is a member of the interferon 
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regulatory transcription factor family and plays a role in the transcriptional activation of 

virus-inducible cellular genes, including type I interferon genes. In fact, our study showed 

that IFN-inducible genes, such as Ifi44 and Ifit1, and many types of 2′,5′-oligoadenylate 

synthetase (OAS) genes were upregulated in the HFD/STZ model (Table 6, Figure 27B). 

OAS genes reportedly respond to pathogen-associated molecular patterns to induce the 

degradation of cellular RNAs. Previous reports have shown that the IFN pathway contributes 

to myogenesis inhibition (Aljabban et al., 2020; Rizzo et al., 2018), suggesting that these 

IFN-inducible genes are involved in the pathology of diabetic myopathy in the HFD/STZ 

model. On the other hand, many types of chemokine mRNAs were upregulated in the 

HFD/STZ model (Table 6; Figure 27C). Previous reports have shown that CCL7 and CCL8 

play important roles not only in immune cell migration, but also in the inhibition of myogenic 

progenitor cell fusion, which in turn leads to the prevention of myotube formation (Blanc et 

al., 2020). These observations suggest that the robust upregulation of inflammation and 

immune response genes is responsible for impaired myogenesis, which is indicated by a 

reduction in muscle fiber size seen in the HF/STZ diabetic model. 
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Figure 27. Chronic inflammation dominates the molecular cue of HFD/STZ 
model skeletal muscle. (A-C) Total RNAs in gastrocnemius (Gas) muscle from the high-
STZ (n = 5) and HFD/STZ (n = 6) models were isolated. The relative mRNA expression 
level of each gene was determined by quantitative PCR and normalized to L19 mRNA 
level and are presented as means ± S.E. *p < 0.05, **p < 0.01, ***p < 0.001. The data 
are representative of two independent experiments. 
 

(c) Energy metabolism and ATP synthesis 
Impairment of mitochondrial functions to produce ATP is a key feature of muscle atrophy in 

a large variety of clinical conditions (Miller et al., 2019; Romanello et al., 2010; Max, 1972; 

Min et al., 2011). In this study, the ATP levels in the quadriceps muscle tissues from both 

STZ models was quantified. The result indicated that ATP levels decreased to greater extent 

in the HFD/STZ model than in the high-STZ model (Figure 28A). Next, the mRNA levels of 

genes related to these mitochondrial functions was analyzed. The result showed that 

peroxisome proliferator-activated receptor (Pparα), pyruvate dehydrogenase 

phosphatase catalytic subunit 1 (Pdp1), and isocitrate dehydrogenase 2 (Idh2) mRNAs were 
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significantly downregulated in the gastrocnemius muscle of the HFD/STZ model but not in 

that of the high-STZ model (Figure 28B-D). Next, the expression of activating transcription 

factor 3 (ATF3), an upstream regulator of PPARα was evaluated, and the result showed 

that ATF3 was highly expressed in the HFD/STZ model but not in the high-STZ model 

(Figure 28E). 
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Figure 28. Energy level is decreased in HFD/STZ model skeletal muscle. (A)Decrease in 
ATP level is more pronounced (*p < 0.05) in Quad muscle tissues from HFD/STZ (n = 6) 
than in high-STZ (n = 5). (B-F) Total RNAs in gastrocnemius (Gas) muscle from the high-
STZ (n = 5) and HFD/STZ (n = 6) models were isolated. The relative mRNA expression 
level of each gene was determined by quantitative PCR and normalized to L19 mRNA level 
and are presented as means ± S.E. *p < 0.05, **p < 0.01, ***p < 0.001. The data are 
representative of two independent experiments. Control mice (CON), gastrocnemius (Gas), 
and quadriceps (Quad). The data are representative of two independent experiments. 
 

These results suggest that fatty acid oxidation was reduced in the skeletal muscle of the 

HFD/STZ model. Mitochondrial biogenesis and oxidative metabolism play critical roles in 

the generation and constant supply of ATP (Cho et al., 2013). Because this process is reported 

to be controlled by genes such as PGC-1- and ERR-induced regulator in muscle 1 (Perm1) 

and mitochondrial transcription factor A (TFAM) (Cho et al., 2016; Duguez et al., 2002), the 

study further showed that the Perm1 mRNA levels were decreased in both STZ models 

(Figure 28F). Downregulation of Perm1 mRNA expression might be partially related to 

decreased ATP levels in the gastrocnemius muscle of HFD/STZ model mice. In addition, 

TFAM protein level was shown to be significantly downregulated in the muscles of the 

HFD/STZ model (Figure 29). 

 

 
Figure 29. Representative western blot shows that mitochondria activity was significantly 
altered in HFD/STZ model as indicated by mitochondrial transcription factor A (TFAM) 
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4.4. Discussion 

Although the STZ-induced diabetic animal model is a common method used to study 

diabetic myopathy (Kivelä et al., 2006; Arcaro et al., 2021; Copray et al., 2000; Fujimak et 

al., 2016; Jeong et al., 2013), however, recent reports have shown that STZ can directly exert 

detrimental side effects besides pancreatic toxicity (Mohammed-Ali et al., 2017; Breyer et 

al., 2005). Therefore, due to the nonspecific cytotoxic effect of high-dose STZ, another model 

induced by a high-fat diet and low-dose streptozotocin (HFD/STZ) was established to avoid 

the nonspecific cytotoxic effects of STZ. These two experimental models have been used 

arbitrarily to study diabetic myopathy; however, STZ treatment was recently shown to impair 

body weight gain and negatively affect muscle fiber growth independent of 

hyperglycemia/hypoinsulinemia, suggesting the importance of basic research to clarify 

pathological differences between the two diabetic STZ models. Therefore, this study was 

conducted to gain a clear understanding of the molecular mechanisms responsible for diabetic 

myopathy in these two models by characterization of muscle atrophy in vivo as well as to 

identify genes that are differentially expressed in the skeletal muscle of both these models 

with respect to human diabetic myopathy. 

The current study showed that both models exhibited detrimental effects on the skeletal 

muscles; however, the pathophysiological and molecular mechanisms underlying this 

complication varied significantly between the two models. Importantly, compared with 

skeletal muscles from HFD/STZ mice, the mice induced with high-dose STZ was found to 

showed (1) a two-fold decrease in average myofiber size, (2) a clear downregulation of 

inflammatory/immune-related genes, (3) downregulation of extracellular matrix 

protein levels, especially the ones belonging to the collagenous family, and (4) 

increased proteolysis and a two-fold decrease in satellite cell (SC) content. This study 

strongly suggests that a remarkable increase in the endogenous corticosteroid level in high-

dose STZ-induced mice compared with HFD/STZ mice plays an important role in the 

observable differences seen between both the models. In rodents, corticosterone is a principal 

endogenous glucocorticoid (GC) and is responsible for the survival of mammals under 

stressful conditions such as perceived danger (Braun and Marks, 2015); however, chronic 
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exposure to GCs to induce muscle wasting is well studied (Braun and Marks, 2015; Sato et 

al., 2017). The glucocorticoid-glucocorticoid receptor (GR) system elicits muscle atrophy 

partially through unbalanced protein synthesis and protein degradation (Braun and Marks, 

2015; Sato et al., 2017; Kumar and Thompson, 2005). In this study, glucocorticoid-GR target 

genes responsible for increased protein degradation (KLF15, atrogin-1/Fbxo32, and 

MuRF1/Trim63) and suppression of protein synthesis (Ddit4/REDD1) were shown to be 

significantly upregulated in the skeletal muscles of high-STZ model mice when compared 

with those from HFD/STZ mice. Previous study has reported Ddit4Redd1 as an inhibitor of 

skeletal muscle protein synthesis by reducing mTOR activity (DeYoung et al., 2008). The 

current study also showed that mTOR system is negatively regulated in high-STZ model as 

demonstrated by decrease in phosphorylated form of P70 S6Kinase (p-P70S6K) (Figure 25). 

Additionally, the transcription factor CCAAT/enhancer binding protein delta (C/EBPδ) 

expression, which has been shown to be induced in dexamethasone-treated L6 muscle 

cells (Yang et al., 2005; Peris-Moreno et al., 2020), was found to be dramatically increased 

(5–6 folds) in the skeletal muscles of high-dose STZ mice in vivo. Increased C/EBPδ 

expression has been shown to activate E3 ubiquitin ligase promoter (MuRF1/Trim63) 

in C2C12 cells (Peris-Moreno et al., 2020), which eventually leads to protein degradation via 

the ubiquitin–proteasome pathway. 

With regard to inflammation, in this study, the high-STZ model showed a downregulation of 

inflammatory/immune-related genes. Because GC is well recognized as an effective anti-

inflammatory molecule (De Bosscher and Haegeman, 2009), the decrease in pro-

inflammatory molecular cues is likely due to the excessive exposure to GCs in high-STZ 

mice. Inflammation plays a divergent role in skeletal muscle growth and recovery. A transient 

increase in pro-inflammatory cytokines following skeletal muscle injury triggers a pro-

myogenic signaling cascade that mediates proper skeletal muscle repair, remodelling, and 

maintenance. In addition, previous reports have shown that SCs play a crucial role in the 

muscle maintenance and repair (Lepper et al., 2011; Hawke and Garry, 2001). In this study, 

SC content reduction was observed to be more pronounced in the high-STZ model than that 

in the HFD/STZ model. Further experiments are needed to analyze whether the suppression 



84 
 

of proinflammatory factor expression and decreased SC content seen in the high-STZ model 

can cause a delay in muscle repair, maintenance, and growth. 

Consistent with the findings of previous studies (Choi et al., 2021; Hu et al., 2009), the 

present study showed that a remarkable increase in endogenous corticosteroid levels is a key 

factor in characterizing diabetic myopathy in high-dose STZ mice. The mechanism 

underlying the increase in glucocorticoid levels seen in STZ-induced diabetic mice can be 

explained as the released glucocorticoids in turn result in more glucose liberation 

through gluconeogenesis, glycogenolysis, and lipolysis (Peckett et al., 2011; Kuo et al., 

2015). Chronic hyperglycemia, along with insulin depletion, has been shown to 

trigger oxidative stress, which eventually sends signals to the hypothalamic-pituitary-adrenal 

axis to induce the release of glucocorticoids from the adrenal gland. In fact, in the present 

study, we observed a remarkable increase in glucose concentration in the high-STZ model 

compared with the HFD/STZ model. Notably, enhanced glucocorticoid secretion seen in the 

high-STZ diabetic mouse model is similar to that observed in patients with diabetes. Several 

studies have reported that intracellular glucocorticoid (cortisol) levels are amplified in 

patients with type 2 diabetes, and unfortunately, this has been associated with 

several diabetic complications and deteriorated metabolic control (Rosenstock et al., 2010; 

Chiodini et al., 2007; Oltmanns et al., 2006). Interestingly, potent ligands of peroxisome 

proliferator-activated receptor (PPAR) γ, such as thiazolidinediones, can partially 

improve glucose metabolism in type 2 diabetes by inhibiting 11-β-hydroxysteroid 

dehydrogenase 1, which can convert inactive cortisone into active cortisol (Rosenstock et al., 

2010). Since elevated glucocorticoid level in the high-STZ model is a key parameter that 

closely mirrors the pathogenesis of human type 2 diabetes, we propose that the high-STZ 

diabetic model is suitable not only for the study of the negative impact of glucocorticoids on 

the skeletal muscles but also for the evaluation of the pharmacological effects of 

glucocorticoid inhibitors on the skeletal muscle pathology. Previous studies have shown that 

STZ also induces alterations in gene expression in other tissues including kidney, liver, and 

lung (Dhahbi et al., 2003; Wada et al., 2001; van Lunteren et al., 2014). For instance, STZ 

aggravates diabetes pathology with increased expression of liver gluconeogenic enzymes 
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(glucose 6-phosphatase and phosphoenolpyruvate carboxykinase) (Dhahbi et al., 2003; 

Nocito et al., 2012; van Alkhalidy et al., 2018), which eventually triggers the physiological 

signal of glucocorticoid that activates protein degradation in skeletal muscle. Furthermore, 

STZ is well-studied to induce not only renal inflammation but also a metabolic switch 

in renal tubules from lipid oxidation to anaerobic glycolysis partially mediated by hypoxia-

inducible factor 1α, resulting in metabolic acidosis (Cai et al., 2020; Lin et al., 2011; Wesson 

et al., 2020). Interestingly, the metabolic acidosis has been shown to accelerate muscle 

protein degradation and suppress muscle protein synthesis (Mitch et al., 1994; Caso et al., 

2004; Crie and Wildenthal, 1980). However, further studies are needed to clarify the crosstalk 

between STZ-induced genetic alteration in muscles and other organs in the high-STZ model 

in order to address the complex pathogenesis of diabetic myopathy. 

On the other hand, recent evidence has shown that mitochondrial dysfunction and a 

compromised ability to produce ATP play key roles in muscle atrophy (Romanello et al., 

2010; Max, 1972; Min et al., 2011). Although this study showed obvious mitochondrial 

dysfunction, as indicated by decreased ATP levels in the quadriceps muscle in both STZ 

models, the HFD/STZ model showed a more severe phenotype. This decrease in ATP 

production seen in HFD/STZ model is consistent with previous study (Li et al., 2014), 

suggesting that mitochondrial dysfunction plays a critical role in driving muscle atrophy in 

HFD/STZ model. The currently observed decrease in ATP production in HFD/STZ could be 

due to the overexpression of the activating transcription factor 3 (ATF3), an upstream 

regulator of PPARα. ATF3 has been shown to dramatically downregulate PPARα (Kim  et 

al., 2017), thereby leading to a decrease in fatty acid β-oxidation in the mitochondria and 

eventually reducing the ATP levels. The upregulation of ATF3 expression in the HFD/STZ 

model has been attributed to long-term high-fat diet (HFD) feeding, which is known to 

promote systemic inflammation that eventually leads to insulin resistance (Choi et al., 2015). 

In fact, ATF3 was shown to be upregulated in insulin-resistant human patients (Kim  et al., 

2017). In addition, the current study showed that several genes controlling mitochondrial 

biogenesis (perm1), oxidative metabolism, and the TCA cycle (Pdp1, Idh2) were 

downregulated in the gastrocnemius muscles of HFD/STZ mice. In fact, downregulation of 
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the mitochondrial transcription factor A (TFAM) protein expression (Figure 29) a critical 

regulator of mitochondria biogenesis (Duguez et al., 2002) has suggested the alteration in 

mitochondria functions. The fact that mitochondrial dysfunction is evident in the skeletal 

muscles of patients with all forms of diabetes mellitus (Kelley et al., 2002; Monaco et al., 

2018), taken together with the observations regarding decreased ATP level, the HFD/STZ 

model can be considered a useful model to study the perturbation of mitochondrial function 

in the skeletal muscles with the onset of hyperglycemia. 
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Abstract 

Streptozotocin (STZ)-induced diabetic animal models have been widely used to study 

diabetic myopathy; however, non-specific cytotoxic effects of high-dose STZ have been 

discussed. The purpose of this study was to compare diabetic myopathy in a high-STZ model 

with another well-established STZ model with reduced cytotoxicity (high-fat diet (HFD) and 

low-dose STZ) and to identify mechanistic insights underlying diabetic myopathy in STZ 

models that can mimic perturbations observed in human patients with diabetic myopathy. 

Male C57BL6 mice were injected with a single high dose of STZ (180 mg/kg, High-STZ) or 

were given HFD plus low-dose STZ injection (STZ, 55 mg/kg/day, five consecutive days, 

HFD/STZ). Diabetic myopathy was characterized by histological and immunochemical 

analyses and conducted gene expression analysis. The high-STZ model showed a significant 

reduction in tibialis anterior myofiber size along with decreased satellite cell content and 

downregulation of inflammation response and collagen gene expression. Interestingly, 

blood corticosteroid levels were significantly increased in the high-STZ model, which was 

possibly related to lowered inflammation response-related gene expression. Further analyses 

using the HFD/STZ model showed downregulation of gene expression related to 

mitochondrial functions accompanied by a significant decrease in ATP levels in the muscles. 

The high-STZ model is suitable for studies regarding not only severe diabetic myopathy with 

excessive blood glucose but also negative impact of glucocorticoids on skeletal muscles. In 

contrast, the HFD/STZ model is characterized by higher immune responses and lower ATP 

production, which also reflects the pathologies observed in human diabetic patients. 
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Chapter 5 

Experiment 3 

Serum Amyloid A3 Promoter-Driven Luciferase Activity Enables Visualization of 
Diabetic Kidney Disease 

5.1 Introduction 

Diabetic nephropathy (DN), also referred to as diabetic kidney disease, is the progressive 

development of renal insufficiency induced by the diabetic milieu (Thomas et al., 2015). 

Approximately 40% of patients diagnosed with either type 1 or type 2 diabetes develop DN, 

and this number is projected to increase dramatically with the increasing trend of diabetes 

worldwide (Hussain et al., 2021; Su et al., 2021). Currently, DN research relies on traditional 

diagnostic techniques, such as the histological assessment of collagen deposition and 

quantification of serum/urine biomarkers (e.g., creatinine, blood urea nitrogen (BUN), 

albumin, and cytokines) to confirm kidney disorders (Su et al., 2021). Although these markers 

have provided essential insight into DN progression in human patients, there are problems of 

low sensitivity and missing early injury responses in diabetic kidneys. In addition, these 

traditional serum/urine biomarkers are often affected by other factors such as age, muscle 

mass, protein diet, and intake of certain drugs (Wasung et al., 2015; Griffin et al., 2019). 

Thus, new biomarkers that are suitable for capturing the characteristics of early kidney injury 

and can easily obtain reliable data are being searched and are expected to provide essential 

insight into DN progression. Accumulating evidence has shown that chronic renal 

inflammation and fibrosis are hallmark pathological features of DN (Thomas et al., 2015; 

Navarro-González et al., 2011; Matoba et al., 2019; Moreno et al., 2018; Qian et al., 2008). 

Thus, the assessment of renal inflammation and fibrosis using non-invasive tests will become 

more important in diagnosing DN at an earlier stage and efficiently analyzing new therapeutic 

agents and functional foods. In vivo imaging is a promising technology for the non-invasive 

monitoring of disease progression within living animals and/or for examining the efficacy of 

emerging therapeutic strategies with the same individual mice in real-time (Gross et al., 2009; 

Wessels et al., 2007). Non-invasive and high-resolution bioluminescence imaging tools for 

studying biological processes and quantitatively monitoring disease progression are now 



89 
 

being developed and have attracted attention in various research fields (Gross et al., 2009). 

Previous studies have successfully applied the serum amyloid A3 (Saa3) gene promoter-

luciferase (luc) reporter to non-invasively monitor low-grade inflammation in the white fat 

tissues of obese mice fed with a high-fat diet and in a dietary adenine-induced 

tubulointerstitial injury model (Sanada et al., 2016; Kumrungsee et al., 2019). Here, since 

Saa3 expression was significantly upregulated in diabetic kidneys in two different 

streptozotocin-induced DN models without direct cytotoxicity to the kidneys, the novel in 

vivo Saa3-promoter bioluminescence imaging technique was employed to monitor renal 

pathology in these two DN models. Furthermore, mRNA expression analyses were 

performed to confirm whether the bioluminescence signal reflected the degree of kidney 

damage from hyperglycemia. The present study suggests that novel in vivo bioluminescence 

imaging could be useful in the non-invasive visualization of pathophysiological changes in 

the kidney that characterize DN in real-time. 

5.2. Materials and Methods 

5.2.1. Experimental Animals 

Seven-week-old male C57BL/6J mice (Charles River Japan, Hino, Japan) and Saa3-promoter 

luc mice were used in this study. All mice were housed in a temperature-controlled (24 ± 

1 °C) room with a 12 h/12 h light/dark cycle. The mice had free access to food and water. 

All animal experiments were approved by the Hiroshima University Animal Care and Use 

Committee (Permit Number: C18-15-5). 

5.2.2. Diabetic Nephropathy Animal Models 

Saa3-promoter transgenic mice (Saa3-promoter luc mice) carrying mouse Saa3 promoter 

regions (−314/+50) upstream of full-length luciferase cDNA were obtained and maintained 

as previously described (Sanada et al., 2016; Kumrungsee et al., 2019). Both the male 

C57BL/6J (WT) mice and Saa3-promoter luc mice were used to develop two streptozotocin 

(STZ)-induced DN models. For the first STZ-induced DN model, all mice were divided into 

two groups: the control group and the DN group. The control group was fed a standard 
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laboratory chow diet, and the DN group was fed a high-fat diet (HFD) (Oriental Yeast Co., 

Tokyo, Japan; 45% fat, 20.5% protein, and 34.8% carbohydrate) together with low-dose STZ 

(55 mg/kg for 5 consecutive days) (HFD/multiple-dose STZ-induced DN group). Notably, 

the HFD/multiple-dose STZ-induced DN mouse group was initially fed HFD for 4 weeks 

before being injected with low-dose STZ. Animals in the first model were analyzed 12 weeks 

after low-dose STZ treatment. For the second model of STZ-induced DN, all mice were 

divided into three groups: the control group, the DN group, and the insulin-treated DN group. 

Diabetes was induced via intraperitoneal (i.p.) injections of streptozotocin (STZ, Sigma-

Aldrich, St Louis, MO, USA) at 125 mg/kg/day for 2 consecutive days (two moderate-dose 

STZ-induced DN group). Mice in the control group were administered citrate buffer alone. 

All mice were maintained on a standard laboratory chow diet (Oriental Yeast, Tokyo, Japan) 

and analyzed four weeks after two moderate-dose STZ treatments. In this model, only the 

mice with fasting blood glucose levels of ≥300 mg dL−1 after STZ injection were used for 

further studies. 

5.2.3. DNA Microarray 

Microarray analyses were performed as previously described (Sanada et al., 2016). Briefly, 

total RNA was extracted from the renal tissues of WT mice in both models of STZ-induced 

DN using the RNeasy lipid tissue kit (Qiagen Sciences, Germantown, MD, USA). The RNA 

samples were subjected to cRNA synthesis for DNA microarray analysis (44 K whole mouse 

genome 60-mer oligo microarray, Agilent Technologies, Palo Alto, CA, USA). Fluorescence 

labeling, hybridization, and image processing were performed according to the 

manufacturer’s instructions. Statistical analysis of the gene expression data was performed 

using the Agilent Feature Extraction software (version 9.5) (Santa Clara, CA, USA). 

5.2.4. RT-PCR 

One microgram of total RNA isolated from the renal tissues of WT mice induced by 

HFD/multiple low-dose STZ and Saa3-promoter luc mice induced with two moderate doses 

of STZ was reverse transcribed into cDNA using ReverTra Ace (TOYOBO, Osaka, Japan) 

and random hexamers (TaKaRa Bio, Kyoto, Japan), according to the manufacturer’s 
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instructions. Quantitative PCR reactions were then performed on StepOnePlusTM (Applied 

Biosystems, Foster City, CA, USA) using THUNDERBIRD SYBR qPCR Mix reagents 

(TOYOBO) under previously described conditions (Kumrungsee et al., 2019). The primers 

used for the PCR analysis are listed in Table 8. The expression level of the target gene was 

normalized to that of the housekeeping gene L19. The relative gene expression was 

calculated using the comparative Ct (2−ΔΔCt) method. 

Table 8. Primer sequences for qPCR 
Target gene Sequence (5'-3')  
L19 Forward 

Reverse 
GGCATAGGGAAGAGGAAGG 
GGATGTGCTCCATGAGGATGC 

Saa3 Forward 
Reverse 

AAGGGTCTAGAGACATGTGG 
ACTTCTGAACAGCCTCTCTG 

EMR1 (Adgre1) 
 

Forward 
Reverse 

ATTGTGGAAGCATCCGAGAC 
GTAGGAATCCCGCAATGATG 

TNFα 
 

Forward 
Reverse 

CGTCGTAGCAAACCACCAAG 
TTGAAGAGAACCTGGGAGTAGACA 

Mpeg1 
 

Forward 
Reverse 

GCTTGCCTCTGCATTTCTTC 
TCTTCTGCTCCAGGTTTTGG 

CEBPβ 
 

Forward 
Reverse 

GAAGACGGTGGACAAGCTGA 
TGCTCCACCTTCTTCTGCAG 

Ccl2 (MCP-1) Forward 
Reverse 

GGTCCCTGTCATGCTTCTGG 
CCTTCTTGGGGTCAGCACAG 

Col1a1 
 

Forward 
Reverse 

CCCAAGGAAAAGAAGCACGTC 
ACATTAGGCGCAGGAAGGTCA 

NOX2 
 

Forward 
Reverse 

AGCTATGAGGTGGTGATGTTAGTGG 
TGCACAGCAAAGTGATTGGC 

TGFβ 
 

Forward 
Reverse 

GGCACCATCCATGACATGAA 
TTCTCTGTGGAGCTGAAGCAAT 

   
   
   

5.2.5. In Vivo Bioluminescent Imaging 

In vivo bioluminescence imaging was performed as previously described (Sanada et al., 

2016; Kumrungsee et al., 2019). Briefly, before acquiring images, 150 mg/kg body weight 

D-luciferin (Promega, Madison, WI, USA) was administered intraperitoneally to all Saa3 

promoter-luc mice in both models five minutes after substrate administration using the 

NightOWL II Imaging Systems LB983 (Berthold Technologies, Bad Wildbad, Germany). 
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For each mouse, the signal intensity was quantified as the sum of all detected photon counts 

per second and was presented as counts/s (cps). All images were adjusted to the same scale 

as the minimum and maximum luminescent intensities for any given analysis. 

5.2.6. Histological Analysis 

Renal tissues from Saa3-promoter luc mice induced with two moderate doses of STZ were 

fixed in 4% formalin solution and embedded in paraffin, and 5 mm-thick sections were 

prepared. The sections were then processed for hematoxylin and eosin (H&E) staining to 

determine the overall histology according to standard procedures (Fischer et al., 2008). 

5.2.7. Measurement of Plasma BUN Level 

The Plasma BUN levels of Saa3-promoter luc mice induced with two moderate doses of STZ 

were determined using a Beckman Coulter AU480 analyzer (Beckman Coulter, Krefeld, 

Germany), which is an automated chemistry instrument for turbidimetric, spectrophotometric, 

and ion-selective electrode measurements. 

5.2.8. Statistical Analysis 

Data are presented as means ± S.E. Differences in significance levels between the compared 

groups were determined by a Student’s t-test or one-way ANOVA followed by Dunnett’s 

test. Results were considered statistically significant at p < 0.05 (denoted appropriately in all 

figures). 

5.3 Results 

5.3.1. Gene Expression Patterns of Saa3 and Other Fibro-Inflammatory Markers Are 

Altered with DN Development 

To examine the molecular signature that can characterize an early stage of DN in 

streptozotocin (STZ)-induced DN models, DNA microarray analyses of kidneys from two 

STZ-induced DN models using C57BL/6 mice was performed. In the first model, DN was 

induced by a combination of a high-fat diet and multiple low-dose STZ injections, which is 

a well-established DN model without renal cytotoxicity induced by STZ treatment. In general, 

high doses of STZ have a non-specific cytotoxic effect that has been shown to cause acute 
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kidney damage in mice and rats (Mohammed-Ali et al., 2017; Breyer et al., 2005). A high-

dose STZ injection often makes it difficult to interpret any observations of nephropathy 

because hyperglycemia-induced renal injuries are confused with acute renal cytotoxicity 

caused by STZ treatment. To solve this problem, previous studies have developed two 

moderate-dose STZ injections (2 × 125 mg/kg per day STZ) to establish diabetes in C57BL/6 

mice. These injections led to a mild resistance to STZ, suggesting that renal damage in this 

STZ model is not related to the acute tubular cytotoxicity seen in those undergoing 

continuous insulin administration to prevent renal pathology (Chow et al., 2006). Therefore, 

this STZ-induced DN model was adopted as the second model in this study. In these two STZ 

models, the expression of 221 genes was found to be similarly altered, with 194 genes 

upregulated and 27 genes downregulated in both DN models (Figure 30A,B). Functional 

classification of the genes indicated that numerous genes were associated with inflammation 

and fibrosis, whereas other genes with robust induction were associated with senescence and 

apoptosis (Table 9). 

 

 
Figure 30. Venn diagram showing the number of genes that are significantly altered in the 
kidney tissues of the two STZ-induced DN models. (A) Number of upregulated genes. (B) 
Number of down-regulated genes. The data are representative of two independent 
experiments (i.e., HFD/multiple low-dose STZ-induced DN model, and two-moderate-dose 
STZ-induced DN model). 
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Table 9. Representative upregulated genes in both models (P≦0.05) 
 

Gene symbol Gene description 
 

Fold in HFD/multiple 
low dose STZ-
induced DN 
 

Fold in two 
moderate dose of 
STZ-induced DN 
 

Inflammation and immune response 
 
Ccl7 chemokine (C-C motif) ligand 7 9.574039 9.217479 
C3 complement component 3 8.327707 4.031031 
Cxcl1 chemokine (C-X-C motif) ligand 1 6.028408 2.963837 
Cxcl13 chemokine (C-X-C motif) ligand 13 5.072761 3.72621 
Ccl2 chemokine (C-C motif) ligand 2 4.682991 3.691467 
Saa3 serum amyloid A 3 4.672902 6.258944 
Cxcl10 chemokine (C-X-C motif) ligand 10 4.575526 4.245991 
Ifi27l2a interferon, alpha-inducible protein 27 like 2A 4.447981 1.734672 
Ccl8 chemokine (C-C motif) ligand 8 4.205488 5.870678 
Irf7 interferon regulatory factor 7 4.169002 1.808386 
Sftpd surfactant associated protein D 3.842778 13.99204 
Saa2 serum amyloid A 2 3.943488 3.027871 
Saa1 serum amyloid A 1 3.793996 5.724124 
Oasl1 2'-5' oligoadenylate synthetase-like 1 3.693298 2.967476 
Il1f6 interleukin 1 family, member 6 3.66638 8.421683 
Oas1a 2'-5' oligoadenylate synthetase 1A 3.600839 1.863472 
Ifi27 interferon, alpha-inducible protein 27 3.531166 1.931101 
Ccl12 chemokine (C-C motif) ligand 12 3.505163 1.501425 
Oas1f 2'-5' oligoadenylate synthetase 1F 3.341254 2.059616 
Ccl3 chemokine (C-C motif) ligand 3 3.173982 1.943716 
Ifit2 interferon-induced protein with 

tetratricopeptide repeats 2 
3.050948 
 

2.526029 
 

Tlr2 toll-like receptor 2 2.904005 2.274702 
Saa4 serum amyloid A 4 2.895843 3.129856 
Tnfrsf1b tumor necrosis factor receptor superfamily, 

member 1b 
2.867243 
 

1.884817 
 

Il1rn interleukin 1 receptor antagonist 2.845497 11.50394 
B2m beta-2 microglobulin 2.764915 2.042961 
Ccl9 chemokine (C-C motif) ligand 9 2.569088 2.086461 
Ifit1 interferon-induced protein with 

tetratricopeptide repeats 1 
2.549512 
 

2.338023 
 

Gbp6 guanylate binding protein 6 2.507217 2.243522 
Oas1d 2'-5' oligoadenylate synthetase 1D 2.450365 4.784481 
C4b complement component 4B 2.341939 1.869533 
Ltc4s leukotriene C4 synthase 2.319262 2.76853 
Ccl5 chemokine (C-C motif) ligand 5 2.187073 2.618136 
Mpeg1 macrophage expressed gene 1 1.578476 1.573929 
Cebpb CCAAT/enhancer binding protein (C/EBP), 

beta 
1.359475 
 

1.4479 
 

Adgre1 adhesion G protein-coupled receptor E1 2.153661 
 

1.875181 

Fibrosis marker 
 



95 
 

Col1a1 collagen, type I, alpha 1 2.310429 1.693605 
Col3a1 collagen, type III, alpha 1 2.502312 1.759468 
    
Col17a1 collagen, type XVII, alpha 1 2.513545 3.554807 
Col2a1 collagen, type II, alpha 1 2.175582 1.597034 
Col12a1 collagen, type XII, alpha 1 2.267022 2.13584 
Tnc tenascin C 2.086402 2.060019 
Areg amphiregulin 2.019209 8.973495 
Itgav integrin alpha V 5.06626 1.698287 
Fn1 fibronectin 1 3.310534 2.894176 
Timp1 tissue inhibitor of metalloproteinase 1 4.663239 3.013232 
Mmp2 matrix metallopeptidase 2 2.306857 2.725541 
Mmp3 matrix metallopeptidase 3 5.077015 3.464077 
Fbn1 fibrillin 1 2.416774 2.539984 
Atf3 activating transcription factor 3 2.70798 2.450881 
Lox lysyl oxidase 2.338978 2.056122 
Cdkn1a cyclin-dependent kinase inhibitor 1A (P21) 12.22656 

 
15.15294 
 

Cellular senescence and apoptosis 
 
Rprm reprimo, TP53 dependent G2 arrest mediator 

candidate 
1.24722 
 

1.464673 
 

Trp53inp1 transformation related protein 53 inducible 
nuclear protein 1 

2.166779 
 
 

3.87006 
 
 

Tnfrsf10b tumor necrosis factor receptor superfamily, 
member 10b 

1.61846 
 

4.647243 
 

Cdkn1a cyclin-dependent kinase inhibitor 1A (P21) 12.22656 
 

15.15294 
 

Ddias DNA damage-induced apoptosis suppressor 3.199755 
 

3.719237 
 

Bcl2a1b B cell leukemia/lymphoma 2 related protein 
A1b 

1.821307 
 

1.762403 
 

Casp12 caspase 12 1.43227 1.75586 
Aen apoptosis enhancing nuclease 1.431768 1.663771 
Casp4 caspase 4 1.565824 1.574686 
Naip1 NLR family, apoptosis inhibitory protein 1 4.493729 2.603691 
Bcl2a1c B cell leukemia/lymphoma 2 related protein 

A1c 
2.053632 
 

1.65847 
 

Bak1 BCL2-antagonist/killer 1 1.496008 1.508511 
Bbc3 BCL2 binding component 3 2.231172 2.756859 
Top2a topoisomerase (DNA) II alpha 11.37113 3.924414 
Bub1 BUB1, mitotic checkpoint serine/threonine 

kinase 
8.765067 
 

4.726943 
 

Bub1b BUB1B, mitotic checkpoint serine/threonine 
kinase 

4.764913 
 

1.862009 
 

Chek1 checkpoint kinase 1 1.984729 3.368414 
Mad2l1 mitotic checkpoint component Mad2 1.955027 1.971135 
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Furthermore, a transcriptomic analysis of fibro-inflammatory marker genes Tumour Necrosis 

Factor alpha (TNFα), Transforming growth factor beta (TGFβ), Collagen, type I, alpha1 

(Col1a1), chemokine (C-C motif) ligand 2 (Ccl2), serum amyloid A3 (SAA3), EGF-like 

module-containing mucin-like hormone receptor-like 1 (EMR1), and NADPH oxidase 2 

(NOX2) was performed using qPCR on renal tissues from the HFD/multiple low-dose STZ 

model. The results showed that the expression of these fibro-inflammatory markers was 

highly upregulated in the HFD/multiple low-dose STZ model. (Figure 31A–G). In particular, 

Saa3 mRNA expression was significantly upregulated in the renal tissue of the HFD/multiple 

low-dose STZ-induced DN model (5-fold increase), as validated through qPCR (Figure 31A). 

Interestingly, previous studies have shown that Saa3 plays an active role in inflammatory 

disorders, and an increase in its expression is accompanied by a concomitant increase in 

inflammatory biomarker genes in the renal tissue of patients with DKD and corresponding 

diabetic mouse models (Ye and Sun, 2015; Anderberg et al., 2015; Dieter et al., 2016). These 

findings strongly suggest that Saa3 promoter activity is a useful biomarker for monitoring 

renal pathology in DN. 
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Figure 31. Renal fibro-inflammatory markers are upregulated in HFD/multiple low-dose 
STZ-induced DN model (A–G) Total RNAs in kidney tissues from the HFD/multiple low-
dose STZ-induced DN model (n = 9) were isolated. The relative mRNA expression level of 
each gene was determined by quantitative PCR and normalized to L19 mRNA level and are 
presented as means ± S.E. ** p < 0.01, *** p < 0.001, **** p < 0.0001. The data are 
representative of two independent experiments. DN = Diabetic Nephropathy, C = Control. 

 

5.3.2. Non-Invasive High-Resolution Bioluminescence Imaging Detected Diabetes 

Kidney Disease in the HFD/Multiple Low-Dose STZ-Induced DN Model 

To monitor diabetic kidney disease in the HFD/multiple low-dose STZ-induced DN model, 

in vivo bioluminescence imaging with Saa3 promoter-luciferase transgenic mice (Saa3 

promoter-luc mice) was performed eight weeks after diabetic induction. As shown in Figure 

32A, the bioluminescent signal from the renal tissues in HFD/multiple low-dose STZ mice 

was stronger (from violet for the least intense to red for the most intense) when compared to 

the normal kidney from control mice. To verify if the visualized bioluminescence signal was 

specifically generated from the injured kidney in HFD/multiple low-dose STZ mice, in vivo 
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bioluminescence analysis was performed after opening the stomachs of Saa3 promoter-luc 

mice. The results showed that the Saa3-mediated bioluminescent signal was specifically 

detected in the injured kidney (white arrow), and not in the adjacent organs in the 

HFD/multiple low-dose STZ-induced DN model, whereas the uninjured kidneys and other 

organs of the control mice showed no bioluminescent signal (Fig. 32B). 

 
Figure 32. Visualization of renal pathology in HFD/multiple low-dose STZ-induced DN 
using Saa3 promoter-luc mice. (A) In vivo bioluminescence imaging from the back of Saa3 
promoter-luc mice shows a strong intensity of bioluminescent signal (from violet for least 
intense to red for most intense), reflecting kidney injury. (B) Bioluminescent analysis of 
mouse organs exposed to bioluminescent imaging confirmed that the intense bioluminescent 
signal generated was specifically from the diabetic induced injured kidney (the white arrow), 
and not from the adjacent organs of the Saa3 promoter-luc mice that were induced with 
HFD/multiple low-dose STZ. DN = Diabetic Nephropathy, C = Control. 

 

5.3.3. Histological, Biochemical, and Molecular Validation of In Vivo Bioluminescence 

Signals from the Renal Tissues of Two-Moderate-Dose STZ-Induced DN Model 

To investigate whether the Saa3-mediated bioluminescence signal was also able to detect the 

DN status of STZ-induced DN model at a moderate dose (2 × 125 mg/kg), Saa3 promoter-

luc mice were subjected to bioluminescence imaging after four weeks of diabetic induction. 

As shown in Figure 33A, the bioluminescence signal from diabetes-induced kidney injury in 

moderate-dose STZ-induced mice was extremely strong; meanwhile, there was no 

bioluminescent signal in the control group, reflecting an uninjured kidney. Quantitative 

analysis of bioluminescence intensity from two moderate-dose STZ-induced mouse kidneys 

showed a 2.5-fold increase in luciferase activity compared to the control (Figure 33B). 
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Figure 33. Bioluminescence imaging reveals renal pathology and therapeutic response of 
insulin in two-moderate-dose STZ-induced DN model using Saa3 promoter-luc mice. (A) 
The in vivo bioluminescence imaging from the back of Saa3 promoter-luc mice shows 
intense bioluminescence signal from the kidney tissues and how insulin treatment decreased 
the signal intensity, reflecting less severe injury in kidney of the insulin-treated mouse 
induced with two moderate-dose STZ injections (n = 5). (B) Quantitative data (n = 6). Data 
are presented as means ± S.E. ** p < 0.01, *** p < 0.001 as determined by ANOVA followed 
by Dunnett’s test. DN = Diabetic Nephropathy, C = Control, INS = Insulin treatment. 

 

Interestingly, the bioluminescence signal was significantly reduced in moderate-dose STZ-

induced mice after insulin treatment (Figure 33A,B), thereby suggesting the reliability of 

using the Saa3 promoter-luc mouse kidney in monitoring DN progression and exploring 

therapeutic agents and functional foods. 

Moreover, to validate the in vivo bioluminescent results, the renal tissues of the same Saa3 

promoter-luc mice induced with moderate-dose STZ and their corresponding control groups, 

which were subjected to in vivo bioluminescence imaging were screened. Histological 

assessment of diabetes-induced injured renal tissues revealed that glomerular hypertrophy, 

glomerular hypercellularity, brush border disruption, and interstitial hemorrhage were 

significantly increased. Notably, the histological renal injury parameters in moderate-dose 

STZ mice were ameliorated by insulin treatment (Figure 34A,B). Furthermore, since our 

microarray data (Table 9) have implicated inflammation and fibrosis as common cardinal 

pathogenetic mechanisms that promote diabetic nephropathy, transcriptomic analysis of the 

fibro-inflammatory marker genes (TNFα, TGFβ, Col1a1, Ccl2, Saa3, CCAAT/ enhancer 
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binding protein β (C/EBP β), EMR1, Macrophage-expressed gene 1 (Mpeg1), and NOX2) in 

the tissues of the same kidney was performed. The results showed that the mRNA expression 

levels of TNFα, TGFβ, Col1a1, Ccl2, Saa3, C/EBP β, EMR1, NOX2, and Mpeg1 were 

significantly upregulated (Figure 34C–K). Notably, the mRNA expression levels of TNFα, 

CCL2, Emr1, TGFβ, and Col1a1 were positively correlated with in vivo luciferase activity 

(r = 0.927, p < 0.05; r = 0.821, p = 0.08; r = 0.978, p < 0.01; r = 0.897, p < 0.05; r = 

0.819, p = 0.08, respectively (Figure 35A-E). These results further suggested that Saa3-

luciferase mice can be applied as a non-invasive model to monitor fibro-inflammation the 

key molecular driver of diabetic nephropathy 
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Figure 34. Validation of bioluminescence signals of Saa3 promoter-luc mice with traditional 
diagnostic techniques and ameliorative effect of insulin therapy on renal fibro-inflammatory 
cues in two-moderate-dose STZ-induced DN model. (A) Representative image of the kidney 
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histological staining with H&E reagents. Glomerular hypertrophy, glomerular 
hypercellularity (G), brush border disruption (asterisks), and interstitial hemorrhage (arrow) 
were significantly increased in renal tissue of DN mice. Scale bar = 200 μm. (B) 
Quantification of average glomerular size (n = 5). (C–K) Kidney gene expression analysis 
of fibro-inflammatory markers in two-moderate-dose STZ-induced DN model (n = 5). The 
relative mRNA expression level of each gene was determined by quantitative PCR and 
normalized to L19 mRNA level and are presented as means ± S.E. * p < 0.05, ** p < 0.01, 
*** p < 0.001, **** p < 0.0001 as determined by ANOVA followed by Dunnett’s test; ns: 
statistically not significant. DN = Diabetic Nephropathy, C = Control, INS = Insulin 
treatment. 

Interestingly, despite the robust induction of fibro-inflammatory markers in the 

moderate-dose STZ model, insulin treatment significantly reduced the expression of kidney 

fibro-inflammatory markers (Figure 34C–K). 

 

 
Figure 35. Positive correlation between luciferase activity and mRNA expression levels of 
TNFα, CCL2, Emr1, TGFβ, and Colla1 in two moderate-dose STZ-induced DN model. (n = 
5). The relative mRNA expression levels of TNFα, CCL2, Emr1, TGFβ, and Colla1 in kidney 
tissue were determined by quantitative PCR and normalized to L19 mRNA level (n = 5). 
Meanwhile the in vivo luciferase activities were determined by quantitative analysis of 
bioluminescence intensity from two moderate dose STZ-induced mouse kidneys (n=5). 
Pearson’s correlation coefficient showed a positive correlation between luciferase activity 
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(promoter activity) and mRNA expression levels of TNFα (A), CCL2 (B), Emr1 (C), TGFβ 
(D), and Colla1(E) in kidney tissue.  
 

Biochemical analysis of the plasma BUN concentration was also found to be significantly 

increased in moderate-dose STZ-induced DN Saa3 promoter-luc mice as compared to their 

corresponding control group. However, insulin treatment decreased the plasma BUN 

concentration (Fig. 36). Taken together with our histological and molecular findings, these 

results indicate that diabetes-induced kidney injury mediated by fibro-inflammatory cues can 

be successfully monitored using non-invasive Saa3-promoter bioluminescence imaging. 

 

 
Fig. 36. Elevated plasma BUN level in two-moderate-dose STZ-induced DN model was 
suppressed by insulin treatment (n = 5). Data are presented as means ± S.E. ** p < 0.01 as 
determined by ANOVA followed by Dunnett’s test. DN = Diabetic Nephropathy, C = 
Control, INS = Insulin treatment. 

5.4. Discussion 

Diabetic nephropathy (DN) is a common microvascular complication of diabetes and a 

major cause of end-stage renal disease worldwide (Hussain et al., 2021; Chawla et al., 2016). 

Traditional techniques, such as the histological assessment of collagen deposition and 

quantification of serum/urine biomarkers (e.g., creatinine, blood urea nitrogen (BUN), 

albumin, and cytokines), are the most commonly used to diagnose kidney disorders (Su et 
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al., 2021). Although these markers have provided essential insight regarding renal functions 

in human patients and animals, signals of early responses of renal pathologies are often 

missed by these traditional methods of monitoring renal functions. Serum creatinine and 

BUN are easy to measure using specific assays; however, these markers are often influenced 

by various factors, such as diet and other tissue functions (Wasung et al., 2015; Griffin et al., 

2019). Despite their shortcomings, the demand for early diagnostic markers is expected to 

increase in human patients and animal experiments. This study attempted to identify the 

molecular signature of the renal inflammatory responses induced by the diabetic milieu using 

two types of STZ-induced DN models. STZ is widely used as a diabetogenic agent in rodent 

models of DN (Brosius et al., 2017; Breyer et al., 2005; Tesch and Allen, 2007). Since STZ 

is an analog of glucose, it is efficiently taken up by pancreatic beta cells via the glucose 

transporter Glut2 and causes DNA damage and beta-cell death (Brosius et al., 2017; Breyer 

et al., 2005; Tesch and Allen, 2007). However, because STZ treatment is toxic to other tissues, 

such as the kidney, numerous studies have attempted to clarify its undesirable side effects on 

other tissues, particularly by high-dose treatment with STZ (Brosius et al., 2017; Breyer et 

al., 2005; Tesch and Allen, 2007; Brouwers et al., 2013). In this study, to eliminate the 

detrimental toxicity to the kidney, two types of STZ models, HFD/multiple low-dose STZ 

injections and two moderate-dose STZ injections that can promote DN development by 

inducing hyperglycemia were used. Next, the comparative transcriptome analyses of 

damaged kidneys from both STZ models were performed. Consistent with previous studies 

(Anderberg et al., 2015; Niewczas et al., 2019; Usui et al., 2007; Guha et al., 2007; Okuma 

et al., 2021; Xu et al., 2021), these data indicate significant increases in fibrosis and 

inflammatory marker mRNA levels in both STZ-induced DN models. In this study, we finally 

utilized the Saa3-promoter activity as a sensitive and specific tool for detecting and 

visualizing renal pathology induced by diabetic fibro-inflammatory cues in real-time via non-

invasive in vivo bioluminescence imaging. This study suggests that this novel 

bioluminescence imaging tool can be used not only to detect DN status in the two well-

established STZ-induced models of DN but also to monitor therapeutic responses in the same 

individual mice. 
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Fibro-inflammatory cues are the cardinal molecular signals that drive DN pathogenesis 

and progression (Thomas et al., 2015; Navarro-González et al., 2011; Matoba et al., 2019; 

Moreno et al., 2018; Qian et al., 2008; Zheng et al., 2021; Meek et al., 2013). Notably, several 

studies have shown that serum amyloid A (Saa) is a key potential mediator of danger signals 

that influence inflammatory processes in several chronic inflammatory diseases, such as 

rheumatoid arthritis, atherosclerosis, obesity, and kidney diseases (Ye and Sun, 2015; Eklund 

et al., 2012; Sorić Hosman et al., 2021; Chami et al., 2019; den Hartigh et al., 2014). The 

Saa3 protein, one of the subtypes of the Saa family, was originally characterized as an acute-

phase protein (Thaler et al., 2015). For example, Saa3 is highly expressed in adipose tissue 

in obese mice, which thus possibly plays a role in monocyte chemotaxis, providing a 

mechanism for macrophage accumulation that occurs during obesity development (den 

Hartigh et al., 2014). In addition, Saa can mediate a cascade of inflammatory events via 

interactions with multiple receptors, including Toll-like receptor 2 (TLR2), TLR4, scavenger 

receptor class B type 1 (SR-B1), and receptor for advanced glycation end-product (RAGE) 

(Ye and Sun, 2015). However, the pathological relationship between Saa3 and diabetes-

induced renal fibro-inflammation has not been fully elucidated. Various inflammatory 

stimuli, such as TNF-α, CCL-2, IL-1β, and IL-6, which drive chronic renal inflammation in 

diabetic kidney disease, have been shown to stimulate Saa3 production in mice (Dieter et al., 

2019). Interestingly, a recent report suggested that the accumulation of advanced glycation 

end-products (AGEs) in a hyperglycemic environment can increase Saa3 mRNA expression 

in podocytes, which are located around the capillaries of the glomerulus and further 

contribute to the production of pro-inflammatory cytokines through increased Saa3 

expression (Anderberg et al., 2015; Goldin et al., 2006; Chen et al., 2010). These results 

suggested a mechanistic pathway for the induction of renal inflammation under diabetic 

conditions in mice. Notably, the elevated levels of the Saa family seen in the two different 

STZ models are similar to those observed in the kidneys of human patients with DN 

(Anderberg et al., 2015; Dieter et al., 2016). Taken together, these findings suggest that Saa3 

plays an important role in inflammatory and fibrotic disorders in DN, and monitoring Saa3 

promoter activity in renal tissues may be useful for the evaluation of diabetic kidney disease. 
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As described above, inflammation and fibrosis are essential factors that can promote 

both the pathogenesis and progression of DN. Despite the growing trend of this life-

threatening disease, non-invasive screening, and monitoring tools for diabetes-induced fibro-

inflammation in renal tissues in vivo are limited. Further experiments are needed to determine 

whether the in vivo bioluminescence signal in these two STZ-induced DN models is directly 

associated with increased fibro-inflammatory signals from diabetes-induced renal injury and 

to identify factors related to increased renal Saa3 mRNA expression during DN development. 

These factors are more important in driving Saa3 promoter activity in Saa3-luc mice by 

analyzing the causal relationship with glomerular hypertrophy observed using fibro-

inflammatory markers (TNFα, TGFβ, Col1a1, Ccl2, EMR1, Nox2, and Mpeg1), which are 

known to cause progressive renal injuries in both animal models and human patients. Owing 

to the low sensitivity of these traditional serum/urine biomarkers, they tend to miss early 

injury responses in the diabetic kidneys of mice. This novel in vivo bioluminescence imaging 

is expected to serve as an important pre-clinical tool with animal studies, and will be useful 

for the non-invasive, real-time monitoring of the effectiveness of drugs or food factors for 

DN progression. 
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Abstract 

The early detection of diabetic nephropathy (DN) in mice is necessary for the development 

of drugs and functional foods. The purpose of this study was to identify genes that are 

significantly upregulated in the early stage of DN progression and develop a novel model to 

non-invasively monitor disease progression within living animals using in vivo imaging 

technology. Streptozotocin (STZ) treatment has been widely used as a DN model; however, 

it also exhibits direct cytotoxicity to the kidneys. As it is important to distinguish between 

DN-related and STZ-induced nephropathy, in this study, we compared renal responses 

induced by the diabetic milieu with two types of STZ models: multiple low-dose STZ 

injections with a high-fat diet and two moderate-dose STZ injections to induce DN. The result 

showed that 221 genes whose expression was significantly altered during DN development 

in both models and identified serum amyloid A3 (Saa3) as a candidate gene. Next, the Saa3 

promoter-driven luciferase reporter (Saa3-promoter luc mice) was applied to performed in 

vivo bioluminescent imaging to monitor the progression of renal pathology in the two STZ 

models. In this study, to further exclude the possibility that the in vivo bioluminescence 

signal is related to renal cytotoxicity by STZ treatment, insulin was injected into Saa3-

promoter luc mice and showed that insulin treatment could downregulate renal inflammatory 

responses with a decreased signal intensity of in vivo bioluminescence imaging. These results 

strongly suggest that Saa3 promoter activity is a potent non-invasive indicator that can be 

used to monitor DN progression and explore therapeutic agents and functional foods. 
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Chapter 6 

General Discussion and Conclusion 

Skeletal muscle being the largest organ in the body is integral not only for the control 

of locomotion but also fundamental for breathing, energy expenditure, as well as whole body 

metabolic control by regulating blood glucose, amino acids, and lipids homeostasis and for 

maintaining a high quality of life (Sartori et al., 2021). Given the extensive role skeletal 

muscle play in life, one can understand that loss of skeletal muscle mass which is often refer 

to as muscle wasting or muscle atrophy will lead to serious consequences. In fact, it is general 

knowledge that skeletal muscle wasting compromises not only the quality of life but also 

increases morbidity, and mortality. Unfortunately, loss of muscle mass happens to everyone 

as we age. Furthermore, sedentary lifestyle and chronic pathological conditions associated 

with aging also contribute to this debilitating condition. Therefore, if we are to improve the 

quality and longevity of life it is important to prevent or attenuate such loss of muscle mass. 

Despite the great effort scientists have made, the absence of effective therapy to counteract 

atrophy muscle indicated that our understanding of the molecular mechanisms underlying 

muscle wasting is limited. Non-alcoholic fatty liver disease (NAFLD), and diabetes mellitus 

(DM) disease models were used for research on muscle wasting, because skeletal muscle 

disorders are clinically discussed for these two metabolic disease states (Pacifico et al., 2019; 

Choe et al., 2018; Cruz et al., 2019 D'Souza et al., 2013). Additionally, other salient 

complications such as chronic kidney disease could also exacerbate muscle wasting in 

NAFLD and DM patients thereby reducing their chances of survival. Regrettably, the lack of 

diagnostic tool that could detect renal disease in NAFLD and DM has impeded the 

development of effective therapeutic strategies that could be used to prevent/manage these 

secondary complication (i.e chronic kidney disease) at early stage. Thus, the aim of this thesis 

was: (1) to develop a relevant animal model that can be used to study muscle wasting 

associated with NAFLD and DM; (2) gain a clear understanding of the molecular mechanism 

underlying muscle wasting in each model, and (3) develop a novel diagnostic tool that can 

be used to detect diabetic nephropathy at early stage.  
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Skeletal muscle has a remarkable capacity for growth and repair following injury 

(Relaix et al., 2021). The ability of skeletal muscle to undergo constant repair and 

regeneration is largely dependent on primary muscle stem cells termed satellite cells (SCs) 

(Relaix et al., 2021). The impairment in SC content, function, and subsequent attenuation of 

muscle regeneration seen in DM is not only unique to this study.  However, this is the first 

study that demonstrate that SC dysfunction contribute to muscle wasting in a mouse model 

of NAFLD. Similar to DM, this study also shows that alteration in SC activity in NAFLD 

decrease the regenerative ability of NAFLD skeletal muscle.  Given the critical role SC plays 

in skeletal muscle maintenance and plasticity, this suggests that bolstering SC 

content/function in individuals with NAFLD and DM may slow down muscle wasting and 

thus, serve as a potential therapeutic target. Interestingly, recent advances in stem cell 

therapies targeting diabetic skeletal muscle have shown considerable success (Cai et al., 

2022; Zakrzewski et al., 2019). For instance, transplantation of human skeletal myoblast 

(hSkM) into limb muscles of KK mouse an animal model of type 2 DM, could ameliorate 

diabetic symptoms (Ye et al., 2009). In fact, several studies have shown that intramuscular 

or systemic administration of bone marrow derived mesenchymal stem cells (MSCs) 

generally improved diabetic myopathy (Teng and Huang, 2019). Since SC dysfunction is a 

common mechanism underlying muscle wasting in DM and NAFLD, the current progress 

made in using stem cell therapy to manage muscle wasting in DM could be applied in 

reversing muscle wasting in NAFLD and other chronic disease. To improve the efficacy of 

this therapeutic strategy a clear understanding of the molecular mechanism underlying SC 

dysfunction in both DM and NAFLD is crucial. In this study chronic inflammation and 

oxidative stress are common molecular factors responsible for SC dysfunction in both DM 

and NAFLD. 

Chronic inflammation 

The literature is clear that persistence chronic inflammations can disrupt normal 

muscle regeneration by impairing muscle SC content and function (Howard et al., 2020). 

Chronic elevation of tumor necrosis factor-alpha (TNF-α) was observed in NAFLD skeletal 

muscle. Also, this study added interferon-inducible genes (Ifi44, and Ifit1) to a growing list 
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of overexpressed proinflammatory cytokines in DM that include TNF-α, Interleukin-1-beta 

(IL-1β), and IL-6. These pro-inflammatory cytokines can collectively and/or independently 

disrupt muscle SC activity. For example, chronic increase in TNF-α have been shown to 

promote continuous stimulation of SC, an event that eventually prevent SC differentiation 

(Howard et al., 2020; Howard et al., 2020). No wonder in this study MyoD (marker of 

differentiation) expression is downregulated in NAFLD. Akin to TNF-α, chronic increase in 

IL-6 and interferon gamma (IFN-γ) have also been shown to epigenetically suppress gene 

related to SC differentiation (Perandini et al., 2018). Interestingly, chronic inflammation of 

the skeletal muscle seen in these rodent studies (NAFLD and DM models) is similar to what 

is observed in several human muscle wasting disorders (Boursereau et al., 2017; Koshikawa 

et al., 2020). Thus, one might think that therapeutic strategies aiming to eliminate chronic 

inflammation will undoubtedly prevent SC dysfunction thereby reversing muscle wasting. 

As exciting as this avenue of therapeutic strategy is, regrettably this study shows that such 

approach will not be effective, in fact, it would exacerbate muscle wasting outcome. As 

discussed in chapter 4, significant reduction of pro-inflammatory cytokine by glucocorticoid 

a well-known anti-inflammatory molecule resulted in more loss of SC content and severe 

muscle damage in high-dose STZ induced diabetic model. This data suggests that any attempt 

to totally abolish inflammation (pro- or anti-inflammatory molecule) could aggravate loss of 

muscle mass. This raises a vital question, what level of inflammation is required to maintain 

a normal muscle health? Although it might be difficult to estimate the exact level of pro-

inflammatory or anti-inflammatory molecules required to maintain proper muscle health, 

however. future study can develop new strategies for reversing chronic inflammation without 

totally abrogating it. This method can help restore the niche and function of SC which is 

crucial for skeletal muscle maintenance. In addition, future studies have to elucidate the 

origin of the pro-inflammatory cytokine, whether is from systemic circulation or from muscle 

resident cells such as SCs, fibro-adipogenic progenitor cells, endothelial cells, and 

macrophages. This study is crucial for the development of therapeutic intervention. 

 

Oxidative stress 
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Oxidative stress is caused by imbalance between reactive oxygen species (ROS) 

generation and antioxidant defense (Pizzino et al., 2017). A shift in pro-oxidant/antioxidant 

balance is a critical pathogenic factor shared by both NAFLD, and DM patients. This study 

demonstrated that oxidative stress is evident in skeletal muscle from the mice models of 

NAFLD and DM. Numerous study have also confirmed that oxidative stress is enhanced in 

the skeletal muscle of diabetic patient. Chronic oxidative stress could hinder muscle SC 

activity, expansion, viability, and lifespan via several mechanisms. For example, redox 

imbalance can result in DNA damage an event that could trigger SC senescence or apoptosis 

(Kumari and Jat, 2021; Filomeni et al., 2015; Sugihara et al., 2018). DNA microarray data of 

skeletal muscle from DM models presented in this study showed that the markers of cellular 

senescence and apoptosis are significantly elevated. This suggest that it is possible that some 

of the SCs are either undergoing apoptosis or senescence. Although, this study did not 

investigate if this same mechanism hinders SC activity in NAFLD, there is a possibility that 

this mechanism is responsible for SC dysfunction in NAFLD muscle. Thus, additional 

experimentation that will specifically test this hypothesis would further help improve our 

understanding of how oxidative stress drives SC dysfunction in NAFLD skeletal muscle. 

Additionally, oxidative stress has been implicated in disrupting SC fate determination, 

whether to remain inactive (in quiescence) become activated, self-renew their population, or 

commit to differentiation. In fact, vettor and colleagues showed that oxidative stress can 

change SC fate to that of fibroadipogenic cell (Vettor et al., 2009). Whether this same process 

occur within DM and NAFLD skeletal muscle remain unknown. However, the rapid 

degradation of extracellular matrix protein and expression of fibrosis marker observed in this 

study and other study suggested this event might occur in DM and NAFLD muscle. Thus, 

with the aid of scRNA sequencing future study will investigate the effect of oxidative stress 

on DM and NAFLD skeletal muscle SC fate. No doubt, verification of the occurrence of SC 

fate reprograming in DM and NAFLD will open up new strategy for the treatment of muscle 

atrophy and other complications associated with a variety of regenerative tissues in disease 

state. 
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Though this study has proposed oxidative stress/inflammation mediated impairment 

in SC activity as a primary mechanism of muscle wasting in NAFLD and DM, an alternative 

scenario (which need not to be mutually exclusive) could involve impairment of protein 

metabolism pathway. While oxidative stress and elevated glucocorticoid level have been 

reported to independently promote protein degradation and suppress protein synthesis in 

atrophic muscle, the fact that this is occurring in high-STZ induced diabetic model of this 

study is a critical finding to unlocking another mechanism underlying muscle wasting in 

NAFLD. Oxidative stress induces protein degradation via several mechanism such as (1) 

induction of autophagy, and ubiquitin-proteasome system key proteins; (2) modification 

myofibrillar proteins to enhance proteolytic processing; (3) promote calpain and caspase-3 

activation (Szentesi et al., 2019). The inhibitory effect of oxidative stress on protein synthesis 

results primarily from inhibiting translation at the level of initiation, via phosphorylation of 

the eIF4E repressor protein (Samluk et al., 2019). Meanwhile elevated glucocorticoid level 

mediate protein degradation via ubiquitin-proteasome system and autophagy lysosome 

system (Braun and Marks, 2015). On the other hand, glucocorticoid elicit his inhibitory effect 

on protein synthesis by interference with the IGF-1/PI3K/Akt/mTOR signaling pathway 

(Braun and Marks, 2015). The present finding indicated that the interplay between oxidative 

stress and elevated glucocorticoid level aggravate protein degradation and severely suppress 

protein synthesis in DM model. Therefore, to reverse alteration in DM skeletal muscle protein 

metabolism it is crucial to target not only oxidative stress but also glucocorticoid receptor. 

Although, the alteration in NAFLD protein metabolism pathway was not elucidated in this 

study, the DM data suggest that similar event might occur in the skeletal muscle of NAFLD. 

After-all oxidative stress also dominates the molecular cue of NAFLD. Clearly, future studies 

are needed to further investigate the effect of oxidative stress and glucocorticoid on NAFLD 

skeletal muscle protein metabolism. 

 Another potential approach to reverse loss of muscle mass associated with DM is to 

identify and treat other secondary complications of DM at their early stage. Failure to do this 

may blunted the gains made in restoring muscle mass. Diabetes nephropathy (DN) is one of 

such debilitating secondary complication.  Considering the absence of diagnostic tool that 
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could specifically detect this condition at is early stage, chapter 5 of this thesis focus on 

developing a novel non-invasive diagnostic tool that could be used not only for diabetes 

nephropathy but also for early detection of nephrotoxicity in clinical drug development. 

Analysis of the microarray data of kidneys from two STZ-induced DN models provided an 

overview of potential biomarkers that could be used for early detection of DN in mice, 

ranging from fibro-inflammatory biomarkers to senescence and apoptosis biomarker. Several 

studies have shown that fibro-inflammatory cues are the cardinal molecular signals that drive 

DN pathogenesis and progression. Measurement of serum amyloid A 3 (Saa3) is an 

appropriate choice not only because it is a major mediator of fibro-inflammatory signal but 

also it originates from the site of injury. This suggest that the application of the Saa3 promoter 

activity for bioluminescence imaging of diabetes-induced kidney injury will no doubt 

eliminate the challenge of organ non-specificity. In preclinical studies the gold standard for 

accurate detection of kidney injury is histological examination (Giffin et al., 2009). However, 

the drawback of this technique is that it requires sacrificing the mice making it difficult to 

monitor the disease progression. Meanwhile, with the novel non-invasive approach of 

molecular kidney imaging developed in this study, disease staging, prognostication, 

monitoring of treatment responses and management of mice induced with DN, and other 

chronic kidney disease is visible. Non-invasive visualization of the aristolochic acid induced 

kidney injury also indicated that Saa3 mediated bioluminescence imaging can also be used 

to assess nephrotoxicity effects of drug before clinical trial. Studies have shown that only 40-

60% of animal findings are predictive of toxicity in humans. These limitations have hindered 

the progression of potentially efficacious compounds from reaching clinical phase of drug 

trail. To address this limitation, future study could incorporate the novel Saa3 mediated 

bioluminescence imaging technique develop in this study to immortalized human proximal 

tubule cell line. 

Overall, with regards to the aims of this thesis, our understanding of the molecular 

mechanisms mediating loss of muscle mass in NAFLD, and DM have improved.  It is clear 

that the cascade of event responsible for muscle SC dysfunction in NAFLD and DM is caused 

by multiple factors. Furthermore, in addition to defect in SC, this study demonstrated that 
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alteration in protein metabolism and oxidative stress plays critical role in the deteriorations 

of DM and NAFLD muscle health. Thus, to adequately treat muscle atrophy associated with 

chronic disease it is crucial to develop drugs that will interfere simultaneously with multiple 

targets rather than single target. This study also presented reliable diagnostic tool for kidney 

disease with the ultimate aim of early detection of disease and/or drug induced kidney injury 

at preclinical setting. 
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